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1 Abstract
One of the most exciting developments in the field of biological physics in recent years is the ability to
manipulate single molecules and probe their properties and function. Since its emergence over two decades
ago, single molecule force spectroscopy has become a powerful tool to explore the response of biological
molecules, including proteins, DNA, RNA and their complexes, to the application of an applied force. The
force versus extension response of molecules can provide valuable insight into its mechanical stability, as well
as details of the underlying energy landscape. In this review we will introduce the technique of single molecule
force spectroscopy using the atomic force microscope (AFM), with particular focus on its application to study
proteins. We will review the models which have been developed and employed to extract information from
single molecule force spectroscopy experiments. Finally, we will end with a discussion of future directions in
this field.
2 Introduction
Proteins are biological polymers made up of monomeric units called amino acids. They are “bionanoma-
chines” and are responsible for a vast array of biological functions that occur in vivo. Acting in isolation,
or as part of larger and often complex machinery, they perform their function through structural changes.
These structural changes involve breaking and formation of their intra- or intermolecular interactions and a
delicate interplay of interactions with the surrounding solvent environment. The magnitudes of the energies
involved in protein conformational changes are similar to thermal energy, resulting in stochastic and noisy
behaviour in biological systems. Despite this complexity, proteins can be understood qualitatively using
simplified rules and models such as entropic elasticity, as well as through an understanding of important
non-covalent interactions such as van der Waals forces, electrostatic interactions, hydrogen bonding and
hydrophobic interactions. Most protein molecules are synthesised as flexible chains, that then fold into a
well-defined three dimensional structure, the native conformation. Protein folding is therefore an impres-
sive example of self-assembly. Proteins use mechanical forces in different cellular processes, ranging from
replication, transcription, translation and protein degradation, to cell adhesion and transport. Considerable
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efforts are directed towards understanding how proteins move and change shape in response to the mechan-
ical and thermal forces exerted on them. Understanding the structure and dynamics of these biological
bionanomachines remains one of the major frontiers in science.
In the last two decades, the field of single molecule force spectroscopy (SMFS) has emerged as a powerful
approach to investigate the mechanical processes which involve proteins at the single molecule level. SMFS
enables single protein molecules to be unfolded over a well-defined reaction co-ordinate. Proteins can be
mechanically unfolded by a number of experimental techniques [1] including optical tweezers [2], magnetic
tweezers [3, 4] and the atomic force microscope (AFM)[5–8, 8, 9]. For each approach, the protein is typically
tethered at one end to a surface or tip leaving the other end free to interact with either the tip, another
molecule or a surface. The force response of the protein is then monitored by either unfolding the protein
at constant velocity (force-extension mode)[8], or under a constant force (force-clamp mode)[10]. The aim
of this review is to provide the non-specialist with a comprehensive introduction to the technique and
models employed for SMFS. It will focus on the underlying physics which has enabled the experimental
methodology and the interpretation of the data. We begin with an introduction to the structure and stability
of proteins. Several manipulation techniques can now be employed to study the mechanical properties of
single proteins. Here we focus on SMFS of proteins using the AFM in force-extension mode, one of the
manipulation techniques most extensively used for the study of the mechanical properties of proteins. Whilst
this review focusses on the AFM, we would like to point our readers to several other available reviews outlining
the vast contributions of optical tweezers [11–13] and magnetic tweezers [14–16] to SMFS. This review will
start by introducing the biological molecules proteins but will not include an introduction to DNA - another
extensively studied biological molecule in SMFS. We would like to point our readers to a recent review for
an introduction to DNA molecules and the results of studying these molecules by SMFS [17]. Our review
includes an introduction to the main components of the AFM for SMFS. We describe the main mode of
operation of this instrument for the mechanical manipulation of proteins and the polymer physics models
employed to reveal information on the underlying force-extension behaviour of polypeptide chains. Much
has been learned about the role of non-covalent interactions in determining protein mechanical stability. We
provide a detailed review of the key findings in this area, and highlight the seminal work which has provided
step changes in our understanding. In parallel with advances in experimental techniques, theoretical models
have been developed to interpret experimental data from single molecule protein unfolding. We describe a
number of these models and present examples of their application to experimental data. We discuss efforts to
predict the mechanical stability of proteins which rely on empirical models as well as approaches appropriated
from materials science. Finally we discuss emerging new directions in the field of SMFS.
3 Protein structure and stability
3.1 Introduction to protein structure
Proteins are polymers (also known as polypeptides) made up of monomer subunits called amino acids which
are covalently linked together via peptide bonds [18]. An amino acid is an organic molecule consisting of a
central carbon atom covalently bound to a hydrogen, a carboxylic acid group, an amino group and a side
chain. The typical chemical structure of an amino acid is shown in Figure 1 where R denotes the side chain.
There are 20 naturally occurring amino acids each with a unique side chain with different physical and
chemical properties (Figure 1). The order of amino acids in the polypeptide chain is known as the sequence
of the protein and forms the primary structure of the protein as shown in Figure 2. The primary sequence
determines how the polypeptide chain folds, governed by the type and location of each amino acid and their
ability to interact with other parts of the chain and the surrounding solvent environment (Figure 2).
The most common secondary structural arrangements or motifs a protein adopts are known as β-sheets,
formed by parallel or anti-parallel β-strands, and α-helices (Figure 2), the latter of which can have different
classes which define the pitch of the helix. The existence of these structures was predicted as early as 1951
by Linus Pauling, who received a Nobel prize for his contribution [20, 21]. The protein’s tertiary structure
refers to the geometric shape of the molecule (Figure 2C) and can be classed in three main categories: all
β structure; all α structure and α/β structure. The quaternary structure of a protein refers to interactions
between multiple polypeptide chains or subunits. When a protein folds, it tests multiple 3D structures before
adopting the most favourable conformation. This unique structure is held together by many non-covalent
3
Figure 1: Proteins are made up of subunits called amino acids. An amino acid is made up of a central carbon
atom, known as the α-carbon, covalently bound to a hydrogen atom, an amino group (NH2), a carboxyl
group (COOH) and a side chain group (R group). The side chains of the 20 standard amino acids are
shown in this figure, where the amino acids are grouped according to the properties of their side chains [19].
Nonpolar, aliphatic amino acids (yellow) have hydrocarbon side chains and are typically hydrophobic. The
aliphatic polar uncharged amino acids (purple) contain an amino or hydroxyl group and can form hydrogen
bonds with atoms in other polar amino acids or water molecules. Aromatic amino acids (green) contain an
aromatic ring and can be nonpolar or polar. The sulfur containing amino acids (orange) are named cysteine
and methionine. The side chain of methionine is hydrophobic. The side chain of cysteine can form covalent
disulphide bonds with other cysteine residues due to the sulfur-hydryl (SH) group found on its side-chain.
At neutral pH the charged amino acids can be either charged negative, (acidic, red) or positive (basic, blue).
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Figure 2: Schematic showing the primary, secondary and tertiary structures of proteins. (A) The order of
amino acids in a protein is known as the primary structure. The different coloured squares refer to different
amino acid side chains. (B) Based on the primary structure of the protein, this chain can fold into different
shapes known as the secondary structure of the protein. (C) The protein’s tertiary structure refers to the
geometric shape of the molecule, shown here representing the structure of protein L (PDB ID:1HZ6).
interactions between the polypeptide chain and with the surrounding environment. Sir John Kendrew and
Max Perutz solved the first protein structure using X-ray diffraction in the 1950s, earning them a shared
Nobel prize in Chemistry in 1962 ‘for their studies of the structures of globular proteins’. While the most
common structural motifs, such as α-helices and β-sheets, had already been predicted by Pauling it was
only with the determination of first protein structures that they could be confirmed. The protein database
(PDB) now contains 3D structural data on more than 100 000 biological molecules.
3.2 Classes of proteins
There are three main classes of proteins globular, membrane and fibrous. These are classifies by the properties
of their environment, the interactions stabilising the proteins and their architecture. Schematics of the three
classes are shown in Figure 3. This review will focus on globular proteins. Membrane proteins and their
interactions with ligands have been extensively studied by SMFS techniques [22, 23]. We would like to point
our readers to specific reviews on the single molecule force spectroscopy of membrane proteins for more
detailed information about the recent contributions SMFS has had to this class of protein [24–28].
Globular proteins
This class of protein is water soluble and as a result is the most straightforward to study. The proteins
often form a globule shape, which consists of different secondary structural elements. These secondary
structural elements typically form to shield hydrophobic amino acids from contact with the water environment
surrounding them. There are three subclasses of this protein type according to their structure: all α, all β
and α/β.
Membrane proteins
Cells are surrounded by a membrane which separates internal components of the cell and external components
of the environment. Membranes are formed by a combination of lipids and proteins. Lipids are small
biological molecules that have a hydrophilic (head) and hydrophobic (tail) component. This causes them to
arrange themselves into layers separating the hydrophobic tails of the lipids from contact with water (Figure
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Figure 3: Schematic showing the difference classes of proteins where waters are shown in light blue. (A)
Globular proteins: these proteins are water soluble, often hydrophobic amino acids are found to be located
in the center of the protein. This is illustrated by the yellow core in the schematic. (B) Membrane proteins:
Cells are surrounded by a thin membrane composed of lipids and proteins. Lipids are naturally occurring
molecules, such as fats, with a polar region and hydrophobic region. In this diagram the hydrophobic regions
are illustrated by the black tails attached to a polar head regions (grey spheres). These organise themselves to
minimise the interaction between the hydrophobic tails and water molecules causing them to form a bilayer,
where the heads provide two hydrophilic surfaces and a hydrophobic (yellow) region in between. Proteins
can be found embedded in this membrane. In this example the protein traverses through the membrane and
the hydrophilic regions of the protein is exposed to the water molecules either side of the membrane. (C)
An example of a fibrous protein is collagen, a non-soluble, structural protein. Collagen is a fibril which is a
superhelix formed by three interlinking polyprotein chains.
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3), this results in an ordered structure with a defined hydrophobic region. Membrane proteins have many
functions. They are responsible for transport of various molecules across the membrane layers, signalling
and sensing, often through mechanical triggers or by mechanical changes to the protein. These proteins can
be fully embedded into the lipid layer (Figure 3 (B)) where the regions of the protein within the membrane
are highly ordered with regular secondary structure, whereas regions extruding from the membrane are often
hydrophilic and often disordered. Membrane proteins can contain multiple α-helices that traverse multiple
times through the membrane, or multiple β-sheets that can form a barrel shape to provide a channel through
the membrane. The proteins can also just traverse through the membrane once, these are often single α-
helices, or can also be anchored to one side of the membrane layer.
Fibrous proteins
These long chain proteins serve as structural proteins to maintain the structure of cells and tissues. These
proteins are often found to have regular repeating regions of amino acids which cause regions of highly regular
structure within the protein. Multiple long polypeptide chains can intertwine and link together to form the
3D structure of the protein and giving it special bulk properties. Fibrous proteins often aggregate (many
associate) to form higher-ordered filaments and fibrils. This enables them to perform many functions such
as providing structural support to cells and tissues. These structures can be further separated into three
subcategories:
• β-structural - made up of β structures. One example is silk fibroin, a component of silk fiber, which is
formed of many β sheets.
• α-structural - these can be coiled coil helices which are two or more helical polypeptide chains that
wind together to form a superhelix. Many supercoiled structures can often associate to form fibrils.
• Collagen - these are non soluble fibrils formed by superhelices made from three intertwined polypeptide
chains that solely interact between each other (inter) rather than within the single polypeptide (intra).
These proteins are found within the bone matrix - changes within the primary structure of these
proteins can cause diseases such as brittle bone disease.
Often large fibrous proteins can be made up of smaller globular proteins, for example the large fibrous
muscle protein titin is made up of combination of regions containing globular proteins or fibrous proteins.
3.3 Protein thermodynamic and kinetic stability
The native conformation of a protein represents a minimum of its thermodynamic Gibbs free energy, G. For
a system at constant pressure, and constant temperature, measuring changes in the Gibbs free energy, ∆G,
for an alteration in the state of the system can be measured. The ∆G is a combination of the change in
enthalpy ∆H and change in entropy of the system ∆S, (∆G = ∆H - T∆S) and is used to determine whether
a reaction is favourable or unfavourable. In the context of protein unfolding, the thermodynamic stability of
the protein is defined as the difference in free energy of the unfolded protein and the folded protein (Figure
4A) and is the work required to transfer a body from one state to another whilst the body exchanges heat
with the environment [18]. This simple two-state energy landscape (Figure 4A) describes the process of
coverting from the folded (F) and unfolded (U) protein where the probability of this process is governed
by the rate of unfolding (kU) and the rate of folding (kF). The difference in the free energy of these two
states, ∆G0U determines the thermodynamic stability of the protein. A barrier to unfolding separates the two
states of the protein. This barrier is known as the transition state (TS) of the protein and the height of this
barrier relative to the F state is ∆G0TS. Many proteins have more complex landscapes [29], where proteins
fold via stable intermediates (Figure 4B) due to multiple barriers along the reaction coordinate probed,
which might include the number of native contact or a length. Statistical mechanics-based models postulate
that protein molecules traverse an energy landscape during folding, and that protein folding pathways more
closely resemble funnels than random diffusion in configuration space [29, 30]. A folding funnel is a plot of the
free energy and the conformational space. An individual folding trajectory is envisaged for each polypeptide
chain traversing down the folding funnel (Figure 4C) [29, 30] where the proteins are biased to the folded state
and therefore many intermediates and folding pathways exist causing the energy landscape to be rough. The
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folding energy landscape of membrane proteins have further complexities to do with the interactions between
the membrane and the environment, the complexities of the energy landscapes of membrane proteins are
discussed in this review [31].
Figure 4: (A) Schematic of a two-state energy landscape of a protein, where the unfolding (U) and folded
(F) states of a protein are separated by a single barrier known as the transition state (TS) of the protein.
The difference in the free energy of the U and F states, ∆G0U determines the thermodynamic stability of
the protein. The height of the TS relative to the F state is ∆G0TS and is the energy required to overcome
the barrier to unfolding. Bottom: The forward arrow indicates the process of going from the F state to the
U state, the backwards arrow indicates the process of the U state going to the F state. The probability of
these processes are quantified by the rate of unfolding (kU) and the rate of folding (kF) respectively. (B)
A three-state energy landscape containing three energy minima in the profile. The minima correspond to a
folded (F) protein, a stable intermediate (I) state and the unfolded (U) protein. Each minimum is separated
by a barrier. The first energy barrier, TS1, separates the I and F states. The second barrier separating the
I and U protein states is, TS2. The probability of the protein going from the F state to the I state, and the
I state to the F state is governed by kFI and kIF respectively. The probability of the protein going from the
I state to the U state and the U state to the I state is governed by kIU and kUI respectively. (C) Schematic
of the energy landscape profile of a protein in 3D conformational space. A large amount of conformational
freedom is available to the unfolded state of the protein in the 3D conformational space. This conformational
freedom decreases as the protein folds. This decrease is shown on the schematic as a transition from white
to black. The corresponding energy profile of the protein represents a funnel with multiple transition states
between the unfolded and folded states. The protein tends towards the folded, native state of the protein
as the free energy of the system decreases. This native state corresponds to the global minimum in the
schematic.
For protein folding to be spontaneous, the free energy between the unfolded and folded state, ∆G0U,
must be negative [18]. When a protein is unfolded there are a vast number of conformations available to
the polypeptide chain. When a protein folds it has a fewer conformations available to it [32], resulting
in a decrease in the entropy of the system. This entropy is known as the conformational entropy of the
system, ∆Sconf and contributes unfavourably to ∆G
0
U [32, 33]. The favourable contribution to ∆H arises
from non-covalent interactions between parts of the polypeptide chain. These interactions include: hydrogen
bonds, Van der Waals interactions, salt bridges and ion pairs [18, 33–35]. The importance of hydrogen bonds
(HBs) in the structure of proteins was first made apparent by Pauling et al., who predicted the existence of
α-helical and β-sheets in the secondary structures of proteins (Figure 5) based solely on the knowledge of
the peptide bond and the existence of HBs [20, 36, 37]. Proteins contain many atoms that are capable of
forming HBs and these interactions underpin the secondary structure of the protein (Figure 5D).
The tertiary structure of proteins is “glued” together by hydrophobic interactions, which refer to the as-
sociation of nonpolar solutes to minimise their interaction with water [38]. The importance of hydrophobic
interactions in biological systems was noted by Kauzmann in 1959 [39] who predicted ’hydrophobic interac-
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Figure 5: Schematic indicating the hydrogen bonds within the protein backbone formed between hydrogen
atoms in the amide group and oxygen atoms in the carbonyl groups. These hydrogen bonds are illustrated
by dashed red lines. The oxygen of the carbonyl is coloured red, the nitrogen of the amide group is coloured
blue and the carbon backbone is coloured grey. These hydrogen bonds underpin the structural stability
of (A) α-helices and (B) and (C) β-strands. β-strands can be arranged in parallel (B) or anti-parallel (C)
geometry based on the chain direction. (D) Hydrogen bonds underpin the secondary structure of the protein.
tions’ to be a major driving force in protein folding. The ’hydrophobic effect’ was introduced by Tanford
in 1980 to describe this phenomenom. To help elucidate the contribution of hydrophobic interactions to
protein stability, a number of studies have modelled the formation of the hydrophobic core of the protein
as the transference of nonpolar side chains from water to a nonpolar environment [38, 40]. By studying the
∆Gwater-nonpolar, the change in free energy when a solute is transferred from water to a nonpolar environment,
for amino acids, or chemical derivative, hydrophobicity scales for the 20 naturally occurring amino acids have
been determined [41–44]. This is illustrated in Figure 6 which shows examples of the hydrophobicity rank-
ings of the amino acids determined by different groups and methods. As well as non-covalent interactions
in the protein, the solvent environment must be considered. Water forms a hydration layer around proteins
which is dynamic and exchanges with bulk water due to thermal fluctuations on the surface of the protein
[45, 45–50]. The structure of the protein can be maintained by this hydration layer [51] and conformational
changes are influenced by hydration dynamics [52]. The hydrogen bonding network within the water must
therefore be dynamic and flexible to facilitate structural changes associated with the function of the protein
[53].
Hydrophobic interactions and hydrogen bonds are thought to be two of the most important contributions
to protein stability [33]. For example, Figure 7 shows the predicted contributions of different interactions
to the protein Ribonuclease Sa, which contains 96 amino acids. The destabilising contribution of T∆Sconf
towards protein folding is predicted to be ∼ 700 kJ/mol. This is counteracted by the combination of hydrogen
bonds (∼ -350 kJ/mol) and hydrophobic interactions (∼ -400 kJ/mol), resulting in a small, negative ∆G0U.
4 Relevant forces for proteins
Given the important role of non-covalent interactions in protein stability and dynamics, what is the mag-
nitude of biologically relevant forces that affect proteins? Proteins experience thermal agitation due to
Brownian fluctuations of energy kBT = 4 x 10
−21J = 0.6 kcal mol−1 = 4.1 pNnm at room temperature.
The forces associated with different length-scales corresponding to different intermolecular interactions and
bonds are shown in Figure 8. Given that proteins are subjected to thermal forces, the number of possible
configurations (entropy) is at its maximum when a protein forms a random coil or is denatured. This number
reduces significantly when the protein forms secondary and tertiary structures. Upon stretching, the molec-
ular entropy is reduced so that at full extension there is only one backbone configuration, a fully elongated
protein. Since the typical energies involved are of order kBT, and the typical lengths are of the order of
nanometres, entropic forces are on the order of piconewtons, depending on the pulling speed. Stretching
a protein in the low force regime, to overcome entropic forces, can be achieved using SMFS. Non-covalent
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Figure 6: To determine the hydropathy scales or hydrophobicity of amino acids, studies have used nonpolar
environments such as bilayers [54], liquid alkanes or alcohols [43, 55], which are slightly polar. The tightly
packed hydrophobic core is slightly polar due to the enhanced van der Waals interactions between amino
acid side chains [56]. Many scales have therefore been derived because is challenging to determine which
environment best mimics that of the protein core [40]. As a result there are often discrepancies between
the available hydrophobic scales. This graph shows the normalised hydrophobic scales from four groups
for the 20 naturally occurring amino acids where 1 corresponds to the most hydrophobic amino acid and 0
corresponds to the most hydrophillic amino acid. The Kyte-Doolittle scale (black) is taken from ref. [42],
this scale was determined from the position of an amino acid within the tertiary structure of a number of
proteins. The Frauchere-Pilska scale is taken from [18] (dark grey) and these values are determined from
the transfer of amino acids from water to alcohol. The Moon-Fleming scale from ref. [54] (lighter grey) is
determined from transferring amino acids from water to bilayers. Finally the Kapcha and Rossky scale [41]
is derived from simple coarse grain computational modelling.
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Figure 7: Schematic of a protein folding process illustrating the formation of hydrogen bonds and hydrophobic
interactions and the negative and positive contributions to free energy of the folded protein Ribonuclease
Sa (at 25 °C, pH 7). The corresponding free energy values are taken from experimental studies [32]. The
conformational entropy contributes unfavourably to the free energy of (destabilises) the folded protein.
Hydrogen bonds and hydrophobic interactions contribute favourably to the stability of the folded protein.
Figure and values adapted from Figure 2 (a and b) Pace, C. N., Grimsley, G. R., Scholtz, J. M. and Shaw,
K. L. 2014. Protein Stability. eLS. © 1999-2015 John Wiley Sons, Inc. All Rights Reserved.
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Figure 8: Figure illustrating the lengthscales, and corresponding forces associated with bond breakage, for
different intermolecular interactions. The figure highlights the forces available to SMFS by a white region
of the plot. Inaccessible regions are shaded, these regions correspond to the limit of thermal stability of
molecular structures (low forces, left) and the breakage of covalent bonds (high forces, right). Reprinted
from [7] Current Opinion in Chemical Biology, 4, H. Clausen-Schaumann, M. Seitz, R. Krautbauer, H. E.
Gaub, Force spectroscopy with single bio-molecules, Pages 524–530, Copyright (2000), with permission from
Elsevier.
interactions are very important in proteins. Although these bonds are weaker than covalent bonds, they
are numerous enough to make proteins strong. Unfolding a protein involves modifications of the molecular
structure on a nanometre lengthscale, requiring breakage and reformation of many van der Waals interac-
tions, hydrogen bonds and electrostatic interactions. The forces involved in breaking these combinations of
bonds are typically in the range 100-300 pN, when measured at loading rates typical of an AFM experiment
(200-1000 nm/s). The strongest forces encountered at the molecular scale are those required to break co-
valent bonds. SMFS techniques have determined that the force required to break a covalent bond is of the
order of 1600 pN [57].
There are now many wonderful examples of the role of force in biological systems, and many of these
have been probed using SMFS methods. Force acts as a denaturant in SMFS experiments. As the force is
applied across the protein domains the activation barrier for unfolding is lowered, increasing the probability
that the protein will unfold. Studies have helped identify the role of mechanical unfolding forces in protein
degradation [58–60]. They have uncovered details of force generation in motor proteins [61, 62] and the
importance of plasticity of hydrogen bond networks in regulating the mechanochemistry of cell adhesion
complexes [63], cell signalling (mechanosensors) [64], force generation [61, 62] and cell signalling [65, 66]. We
point the reader to a recent review which discusses how force can be used to drive conformational changes
in proteins, as well as modulate their stability and the affinity of their complexes[67].
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5 Single-molecule force spectroscopy of polyproteins
5.1 Fundamental principles of the atomic force microsope
The AFM was invented in 1986 by Binnig, Quate and Gerber and and the first commercially available AFM
was introduced in 1989. The AFM is a high-resolution scanning probe microscopy instrument which allows
mechanical manipulation of materials with atomic resolution. The most common use of the AFM is as a
high-resolution imaging tool, where it is possible to measure the roughness of a sample surface. The AFM
can also be used to probe and manipulate atoms and molecules in its SMFS mode of operation. The two
essential components of the AFM are the cantilever, which acts as a flexible sensor, and a piezoelectric
positioner, to provide accurate nanometre control of the sample position. The AFM can be used to measures
forces with a sensitivity of 10 - 1000s of piconewtons (pN) and changes in length with nanometre resolution,
while the timescale resolution is in the submillisecond range.
The cantilever is mounted onto a cantilever holder and the position of the cantilever with respect to
the surface is controlled by a piezo-electric device. A focussed laser beam is reflected off the surface of
the cantilever onto a photodetector. The deflections of the cantilever can be monitored by movement of
the focussed laser spot on the photodiode. The four quadrant photodiode output (Figure 9) converts the
incident light into voltage and then outputs the voltage difference, when the laser spot moves. The AFM
transduces the forces exerted on its flexible cantilever by measuring the angular deviation of a laser beam.
As the cantilever behaves as a Hookean spring and the force (F) is calculated as the product of the cantilever
deflection in the z-axis (∆zC and its spring constant (kc)
F = −kc∆zC (1)
Any movement of the cantilever ∆zC , is converted into voltage differences ∆V by a split photodetector.
At the start of every SMFS experiment the cantilever is calibrated. The kc of the cantilever must be
determined, as well as the optical lever sensitivity, which relates the photodiode output voltage to the
cantilever deflection.
Figure 9: Schematic showing the main components of an AFM for SMFS. The protein is bound at one end
to a substrate, in this example gold, which is covered in a suitable buffer. The gold substrate is placed on
top of a piezoelectric device. A laser beam, reflected off of the cantilever tip into a photo-detector, is used
to monitor the deflections of the cantilever.
13
5.2 Calibration of the cantilever
The ratio between the photodiode output voltage and the displacement of the piezoelectric positioner in
the z direction ∆V/∆zP is determined by completing an approach and retraction cycle and then measuring
the slope of ∆V versus ∆zP when the tip is in contact with the substrate. This is usually completed at a
relatively high contact force (∼ 1500 pN). In these conditions the displacement of the cantilever ∆zC equals
that of the piezoelectric positioner ∆zP. The slope ∆V/∆zP is the optical lever sensitivity, C, and depends
on the shape of the laser spot on the photodector and the refractive index of the medium used.
The kc allows the force applied to the cantilever to be calculated using Hooke’s law. A number of models
have been developed to estimate the spring constant of the cantilever [68]. The most common method em-
ployed for cantilever calibration for protein unfolding experiments is the thermal fluctuation method, which
was first derived by Hutter et al. (1993). This model assumes that, in equilibrium, the cantilever tip behaves
as a simple harmonic oscillator, with one degree of freedom fluctuating in response to thermal noise. This
assumption is a good approximation when the deflections of a cantilever are small. The AFM tip is therefore
modelled as an ideal spring with mass, m [69, 70]. When the tip is far from the sample, its motion will be
dominated by thermal fluctuations [69] and the frequency of the motion near the resonant frequency will
allow for an approximation of the kc. The cantilever undergoes a deflection due to thermal motion in the
vertical direction ∆zC, with an angular resonant frequency, ωo. [69, 70].
1
2
mω20〈z
2
C〉 =
1
2
kc〈z
2
C〉 (2)
where
kc〈z
2
C〉 = kBT (3)
To obtain the kc using this method, the cantilever is positioned within the buffer droplet at a distance
from the surface. A power spectrum is taken (Figure 10) to measure the oscillation of the tip due to thermal
fluctuations. This power spectrum is fast Fourier transformed and a Lorentzian1 is the fitted to the resonant
peak. The area under the curve determines the mean square displacement of the cantilever due to thermal
motion in units of volts.
For SMFS experiments the cantilever spring constant must be soft enough to respond to the piconewtons
forces observed for protein unfolding events, typically between 6 - 100 pNnm-1 The force sensitivity of a
cantilever is limited by its thermal noise [72] therefore cantilevers with low spring constants (softer) are
more susceptible to noise[73]. Measurements using the AFM are limited by instrument stability and force
sensitivity making the measurement of small forces over long periods of time challenging. Recent advances
have been made to improve the precision of force measurements. For example, given the short-term force
precision of a cantilever is sensitive the hydrodynamic drag on the cantilever, by reducing the size of the
cantilever, this drag can be reduced [74]. Reducing the length and thickness of the cantilever does not increase
the spring constant but significantly reduces the noise of the cantilever. In another recent development,
reducing the amount of reflective gold coating on the cantilever has led to significant improvements in the
long-term force precision of a cantilever [75–77]. For example, removing some of the gold coating on a
cantilever reduced the instrumental drift of soft cantilevers [75].
5.3 Polyproteins
In SMFS it is challenging to distinguish between protein unfolding events and nonspecific events, such as
tip-surface interactions or sample contaminants. Therefore, a number of studies use polyproteins to provide
a robust ’mechanical fingerprint’ for protein unfolding. A polyprotein is a tandem array of single protein
domains interlinked by polypeptide linkers (Figure 11A and B). Typically a polyprotein contains 5 – 8
protein domains[78]. These protein domains can be the same protein (homopolyprotein) or two or more
different protein domains (heteropolyproteins or chimera polyproteins). The use of polyproteins domains
1With functional form P (f) = A
(f−f0)2+B
+ bg, where f is the frequency, f0 is the resonant frequency, bg corresponds to
foreign noise with a uniform and constant spectrum, A and B are parameters that be used to determine the quality factor, Q
(Q = B
2A1/2
) height of the peak and Lpeak (Lpeak =
A
B
[69, 71])
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Figure 10: Cantilever calibration (A) The optical lever sensitivity is determined by completing an approach
(red) and retraction (black) cycle between the cantilever tip to the substrate and then measuring the slope of
cantilever deflection, as measured by the change in voltage ∆V of the photodetector, versus the piezoelectric
positioner displacement, ∆zP, when the tip is in contact with the substrate. (B) The cantilever spring
constant can be determined using the thermal noise method. The cantilever is positioned within the buffer
droplet at a distance from the surface and a power spectrum is taken to measure the oscillation of the tip
due to thermal fluctuations. The area under the curve in the power spectrum can be used to determine the
mean square displacement of the cantilever, from which the spring constant can be calculated.
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in SMFS has many advantages; it can increase the statistics of an experiment, decrease the interference
of surface and nonspecific interactions and provide reference domains within the construct. Polyproteins
provide a unique pattern in force extension traces. Over the last two decades a number of different tech-
niques have been employed to engineer such polyproteins[8, 79–81]. A classical approach is based on the
assembly of polymerase chain reaction (PCR)-generated DNA cassettes that together encode the full-length
polyprotein[8, 82]. This method uses specific restriction sites between DNA fragments that encode respective
protein domains. Sequential enzymatic digestion and ligation generate the full length polyprotein DNA in a
stepwise manner. This method allows for the precise control of the number of domains in the polyprotein and
the order of protein domains within a chimeric polyprotein. This method has been employed to make a wide
range of different homo- and chimeric polyprotein constructs, making it a versatile method for polyprotein
production.[8] However, in this approach the substitution of single DNA fragments occurs sequentially, mak-
ing the process both laborious and time-intensive. An alternative method is based on the chemical coupling
of identical protein monomers or dimers [81, 83, 83, 84]. Here, proteins can be linked through either disulfide
bridge formation between cysteine pairs at designed locations or maleimide coupling of sulfhydryl groups
within the protein. This chemical coupling allows for a faster one-step construction of polyproteins. This
process also enables precise control of the pulling direction of proteins. However, this method precludes the
generation of more complex protein scaffolds and generates an ensemble of low- to high-order multimers,
which may have an impact on the subsequent analysis of the experimental data. Very recently we have
developed a method which exploits Gibson Assembly (GA) (Figure 11C) and allows for rapid production
of both homo- and heteropolyproteins of specific length and sequence, thereby retaining the benefits of the
classical “cassette” approach described above (which results in a defined polyprotein composition) while
addressing its previous drawback (expense in terms of labor and time). In GA the enzymatic assembly of
DNA allows for the joining of many (up to 20) DNA fragments in a single step, using the combined function
of three enzymes. The application of GA to generate polyprotein open reading frames compared to previous
methods is advantageous because it provides the speed and ease of a single-step chemical coupling of protein
monomers while allowing for control over type, order of domains, and length of the designed polyprotein.
5.4 Force-extension protein unfolding
In SMFS the AFM (Figure 9) is used to extend single protein molecules and measure the force responses
of proteins from just a few up to hundreds of picoNewtons [85]. In a typical experiment, the polyprotein
constructs are bound at one end to a substrate in solution. For example proteins are sometimes bound to a
gold surface through cysteine residues which are genetically encoded onto one end of the polyprotein chain.
At the other end, the polyprotein is picked up by a sharp tip, often silicon nitride, mounted on a flexible
cantilever. Whilst it is unclear how the protein interacts with the silicon nitride tip it is often suggested that
the polyproteins non-specifically adsorb to the tip via physioadsorbtion and application of a large contact
force by the tip on the surface is hypothesised to increase the probability of adsorption, however, there is
evidence to suggest that the interaction is electrostatic in nature [86]. Due to the nature of the interaction
between the tip and the polyprotein, containing N domains, it can be picked up and extended anywhere
along the chain, therefore between 0 and N unfolding events can be observed in a single force-extension
cycle. Methods to functionalise the interaction between the tip and the protein have been employed to
increase the likelihood of observing N unfolding events by precisely tethering the polyprotein between the
two termini. For example, some groups have the engineered cysteine residues on one end of the polyprotein,
and engineered an additional HaloTag protein on the other end. The HaloTag protein can covalently bind
to chlroalkane ligands. These chloroalkane ligands can be covalently attached to a glass substrate leaving
cysteine residues free to form a covalent bond with the cantilever tip [87, 88].
After the cantilever is calibrated, it is repeatedly brought into contact with the surface at a constant
velocity (Figure 12). A large force (typically in the range 800 – 3000 pN) is applied to the surface in
these experiments which is hypothesised to increase the probability of protein adsorption to the tip. In
force-extension mode the tip is then retracted from the surface at a constant velocity. If a polyprotein was
attached to the tip, a restoring force is measured. Initial resistance to extension in a polyprotein is a result
of entropic forces, due to the entropic elasticity of unfolded parts of the polymer chain. This is a result of the
preference of a chain to form a random coil to maximise its entropy. Stretching a polyprotein chain reduces
its entropy, producing a restoring force that bends the cantilever. The entropic elasticity of a polymer follows
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Figure 11: (A) Schematic of a homopolyprotein chain containing repeats of the same protein domain,
polypeptide linkers of length Llinker, a His-tag (N terminus) and two terminal cysteines (C terminus). In a
typical experiment in our research group, the polyprotein constructs are bound at one end to a gold substrate
in solution, through the cysteine residues enabling the polyprotein to form a covalent bond with the gold
substrate (an Au-S bond). (B) Polyproteins can be made which contain two protein domains. In this
example protein B, with a folded length LB,f is sandwiched between protein A, with folded length LA,f.(C)
Gibson Assembly (GA) allows for rapid production of both homo- and heteropolyproteins of specific length
and sequence. In GA the enzymatic assembly of DNA allows for the joining of many DNA fragments in a
single step, using the combined function of three enzymes. It provides a single-step method for the coupling
of protein monomers while allowing for control over type, order of domains, and length of the designed
polyprotein. Printed with permission from [80]. Copyright 2015 American Chemical Society.
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Figure 12: Schematic diagram showing the steps involved in obtaining a force-extension trace. (A) In force-
extension mode the tip is retracted from the surface at a constant velocity (0). If a polyprotein is attached to
the tip it is first elongated as the distance between the tip and surface increases (I). Further extension of the
polyprotein causes it to unravel, typically in an all or nothing fashion (II). This unravelling releases amino
acids, resulting in an increase in the end to end length of the polyprotein. At this point the forces acting on
the cantilever abruptly decreases as the tension is lost and therefore the cantilever deflection changes. This
unfolded protein domain will continue to be fully elongated adding to the effective length of the chain (III).
A detachment peak is then observed which corresponds to the protein detaching from the tip or substrate
(VI). (B) Schematic showing the associated features observed from (A). The red line is the approach of the
substrate to the cantilever (0), when the cantilever is in contact with the surface it is deflected upwards
causing the force to be negative initially. The retraction of the cantilever from the surface at constant
velocity is shown as the black line. An increase in restoring force is observed as the distance between the
tip and the surface increases. This force occurs as the protein resists the change in entropy of the chain.
The bonds within the protein will be broken at a particular force (I). This will result in the elongation in
the unfolded protein chain with no resistance followed by another restoring force on the cantilever as a force
is applied across another folded protein domain (II). After all of the domains (three in this example) have
unfolded the protein will detach either from the tip or substrate (V).
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a nonlinear relationship which can be modelled by a number of polymer models (see later section). Further
extension of the polyprotein causes it to unravel, typically in an all or nothing fashion. This unravelling
releases previously condensed polypeptide chain, resulting in an increase in the end to end length of the
polyprotein. At this point the forces acting on the protein drop as the tension is lost and the cantilever
deflection changes. This unfolded protein domain will continue to be elongated adding to the effective length
of the chain. Once fully extended, a force will be applied across the remaining folded protein domains and
the process will begin again. This process is repeated until all the protein domains attached to the cantilever
tip are unfolded. A detachment peak is then observed which corresponds to the protein detaching from
the tip or substrate. This process is illustrated in Figure 12. The force-extension profile therefore appears
as a saw-tooth pattern, where each peak reports on the unfolding of a protein domain. A single unfolding
peak for each domain indicates a two-state unfolding process. These sawtooth patterns are characteristic of
polyproteins and provide a mechanical fingerprint in SMFS experiments [82]. Furthermore, the mechanical
fingerprints of new proteins can be obtained by sandwiching uncharacterised proteins between previously
characterised proteins [89–91].
5.5 Analysis of force-extension data
Force extension curves from single molecule force experiments are typically filtered, for example to only
include traces where 2 to N unfolding events are observed, where N is the total number of protein domains
in the homopolyprotein (made up of only 1 protein type), assuming 2-state behaviour. The traces are also
filtered to only include those with minimal surface interactions close to the surface and a clear detachment
peak [92]. Figure 12 shows how a force-extension trace is obtained. The red line is the force measured during
the approach of the cantilever to the surface. The black line is the force measured upon the retraction of the
cantilever from the surface at constant velocity. In the resulting graph, each peak is an unfolding peak and
the last peak is the detachment of the elongated chain from the cantilever and is known as the detachment
peak. The protein chain can also dissociate from the cantilever before detachment occurs, this typically
results in a smaller detachment peak. Experiments are completed a number of times at a range of retraction
velocities, to allow a pulling speed dependence on the mechanical stability to be obtained. By collecting data
sets at multiple velocities within a single experiment, errors due to cantilever calibration can be minimised.
The forces from this single experiment can be compared with forces collected for the same experimental
velocity but obtained on different days, if forces are not consistent with those previously observed then the
cantilever may be missed calibrated.
The force-extension curves of a homopolyprotein reveal a series of equally spaced force peaks as the
distance between the tip and the substrate increases. In the case of a simple all or nothing, two-state
unfolding protein, each force peak corresponds to the unfolding of a single protein domain. A consistent
stepwise increase of the chain length is observed between two consecutive unfolding events. The interpeak
distance xp, corresponds to the elongation of a protein domain upon unfolding (Figure 13). xp gives a measure
of the mechanical structure of the domain, since it is related to the number of amino acids initially ‘trapped’
between the bonds that form the main mechanical resistance to unfolding and subsequently ‘released’ upon
unfolding. The unfolding force, FUN, of a protein is the peak force reached before the protein unfolds. This
gives a measure of the mechanical stability of a protein. Forced unfolding of a protein in SMFS occurs as a
result of the balance between thermal and mechanical forces. Unfolding is therefore a stochastic process and
a distribution of FU values for any unfolding event is expected. By obtaining many force-extension curves,
measuring a number of FU and creating a histogram of unfolding forces, the most probable unfolding force
can be obtained at a particular pulling velocity. This can be visualised in a scatter plot of the xp and FU
from a number of force-extension curves at the same pulling speed (Figure 13). Whilst, often the FU is
taken to be the maximum force before the protein unfolds, more sophisticated methods have been developed
to determine the exact extension that mechanical rupture occurs. One method converts extensions, which
is the tip-sample separation, into the total length of the protein, the contour length. The extension in an
experiment is sensitive to the loading rate and other experimental factors. The extension can be converted
to contour length by solving polymer models describing forced extension such as the worm-like chain model
(see Section 6.2) for contour length at a given force and extension and accounting for backbone elasticity of
the polypeptide chain [93, 94]. Superposition of force-contour length graphs are used to form histograms of
barrier position (point of rupture); this method allows direct determination of the barrier positions within
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the protein and the corresponding FU. More recently this analysis has been automated to align the force-
contour length traces and group them according to number of unfolding events observed [95]. Away from
the unfolding events, the other sections of the force versus extension profiles can be further understood using
polymer elasticity models.
Figure 13: (A) The force-extension curve of a polyprotein is a series of equally spaced force peaks as
the distance between the tip and the substrate increases. The interpeak distance, xp, corresponds to the
elongation of a protein domain upon unfolding. The unfolding force, FU, of a protein is the peak force
reached before the protein unfolds. This gives a measure of the mechanical stability of a protein. (B) By
measuring the xp and FU from a number of force-extension curves at the same pulling speed, a scatter plot
of unfolding forces can be obtained. This allows for the identification of a ‘mechanical fingerprint’ of the
protein of interest.
6 Stretching proteins: polymer elasticity models
6.1 The freely jointed chain model
Stretching a polyprotein chain reduces its entropy, producing a restoring force that results in bending of
the cantilever. The entropic elasticity of a protein follows a nonlinear relationship that can be formally
described by a number of models of polymer elasticity. One simple model for polymer elasticity is known
as the freely jointed chain (FJC) model or ideal chain model [96, 97]. This model was initially proposed by
Kuhn in 1936 [98]. In this model, a polymer is partitioned into N segments each with length, b. This length,
b, characterises the Kuhn length of the polymer. The maximum total length of this polymer, or contour
length, Lc is therefore calculated as
Lc =
N∑
i=1
b = Nb (4)
The projection of each of the segments is independent of the preceding and proceeding segments. This
model therefore does not account for the long range interactions of a chain, and the chain can undergo
self-interactions. Each segment, i, has an associated vector, ri, the mean square end to end distance,
〈
R2
〉
,
is then:
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〈
R2
〉
= 〈R ·R〉 =
〈
N∑
i=1
ri ·
N∑
i=1
ri
〉
(5)
=
N∑
j=1
N∑
i=1
〈ri · rj〉 =
N∑
i=1
〈ri · ri〉+
N∑
i=1
N∑
j 6=i
〈ri · rj〉 = Nb
2 (6)
Where
∑N
i=1
∑N
j 6=i 〈ri · rj〉 is a consequence of the segments being uncorrelated. If the chain is fixed at
one end and subjected to a constant force, F, at the other end, an entropic restoring force will be experienced
due to a reduction in the number of available states to the chain (Figure 14). The energy of this FJC (EFJC)
can be determined by the work done (-W) to change the shape of the polymer.
EFJC = −W = −F ·R = −F
(
N∑
i=1
ri · z
)
= −Fb
N∑
i=1
cos θi (7)
Where each segment has an associated angle, θi with the direction of the applied force. The partition
function, Z, is computed form summing the energies from all configurations (conf.) of the protein:
Z =
∑
ri,conf.
exp (−EFJC/kBT ) =
∑
ri
N∏
i=1
exp (Fb cos θi/kBT ) (8)
As each segment is independent and therefore uncorrelated with the others, the energies will be the same.
Z =
[∫ 2pi
0
dψ
∫ pi
0
sin θdθ exp
(
Fb cos θ
kBT
)]N
=
[
4pikBT
Fb
sinh (θ)
]
(9)
The free energy, H, of this system can be computed asH = kBT lnZ. Therefore the average displacement,
〈x〉 can be computed from:
〈x〉 =
d(kBT lnZ)
dF
=
d
dF
(
N ln
(
4pikBT
Fb
)
+N ln
(
sinh
Fb
kBT
))
= Lc
(
coth
Fb
kBT
−
kBT
Fb
)
(10)
At small forces, the polymer behaves as a Hookean spring with F = 3kBTb
x
L . Whilst this model can
describe the reaction of biological molecules to forces at small extensions, it fails to describe the elastic
response at high forces for the stretching of DNA [99].
6.2 The worm-like chain model
The worm-like chain model (WLC) can be used to describe the semi-flexible behaviour of polymers. It is an
extension to the FJC model of polymer elasticity in the continuous limit as b→0. The model predicts the
entropic restoring force, F, of the polyprotein at any given extension from two parameters: Lc the contour
length (the maximum total length of the unfolded polyprotein) and p the persistence length (the length of
the smallest rigid component of the chain). In the WLC model (Figure 15, the polymer is described by a
continuous chain of N segments, each with length d, that are at an angle θ to the adjacent segment. The
projection of each segment, from the first segment to the last, affects the projection of the adjacent segment
along the chain by l × cos(θ). The projection onto the first bond is given by 〈cos(θ1N )〉 = cos
N−1(θ). The
average projection is therefore given by[97]:
〈x〉 =
1
d
N∑
i=1
〈di · dj〉 = d
N−1∑
i=0
cosi(θ) =
d(1− cosN (θ)
1− cos(θ)
(11)
As N tends to infinity this expression tends to [97]:
lim
N→∞
〈x〉 =
d
1− cos(θ)
= p (12)
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Figure 14: (A) The most simple model for polymer elasticity is known as the freely jointed chain (FJC)
model or ideal chain model. In this model, a polymer is partitioned into N segments each with length b.
This length b characterises the Kuhn length of the polymer. The distance R represents the end to end vector
length of the chain. (B) If the chain is fixed at one end and is subjected to a constant force, F, at the other,
an entropic restoring force will be experienced due to a reduction in the number of available states to the
chain. Each chain makes an angle θi to the direction of the applied force in this diagram θ2 is shown which
represents the angle for the second segment in the chain. The energy of this FJC can be determined by the
work done to change the shape of the polymer.
This is the definition of p, a measure of polymer stiffness which determines the distance over which
the correlations between the segment are lost. For a flexible and “bendy” chain, the correlations are lost
quickly, and therefore p is small. In a more rigid rod-like chain the p will be larger because the chain will
be correlated for larger distances along the chain. For example WLC fits to the force-extension traces of a
β-sheet protein gave a persistence length of about 0.4 nm [79]. This roughly corresponds to the length of
a single amino acid. However, in more recent studies it has been suggested that this measured value of p
accounts for both entropic and attractive interactions due to hydrophobic contacts within a protein [100].
For small angles cos(θ) ≈ 1− θ
2
2 the expression given in Equation 12 tends to p =
2d
θ2 . In the WLC model
the segment length becomes infinitely small as the number of segments in the chain increases, whilst the
contour length, Lc = Nd, and the p remain constant. By replacing cos
N (θ) ≈ (1 − θ
2
2 )
N by exp (−Nθ2/2)
the projection in this limit then becomes [97]:
〈x〉 = p(1− e−
L
p ) (13)
The exponential term means that the angular correlation decays exponentially along the chain. As
L → ∞ this would tend to the persistence length of the chain. The mean square radius of gyration is also
given by:
〈
r2
〉
= 2p
[
1−
p
L
(1− e−
L
p )
]
(14)
There is an energy cost associated with the bending of a WLC given by a bending elasticity term [101]:
E =
κ
2
∫ L
0
(
∂2rˆ(s)
∂s2
)2
ds (15)
This term accounts for the shape of the polymer. Where E is the bending energy, s is the distance
along the curve, κ is the bending coefficient and ∂
2r(s)
∂s2 is the tangent vector along the chain [101–103]. To
straighten out the chain, work needs to be done against the bending energy (Figure 15). The Hamiltonian,
EWLC, for such a system is given by Equation 16 [102], where F ·R accounts for the application of a constant
force to the ends of the chain.
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EWLC =
∫ L
0
ds
κ
2
[
∂2rˆ(s)
∂s2
]2
− F ·R (16)
Obtaining a force-extension relationship from this equation requires computing the force over all possible
shapes of a polymer. The calculation of the extension can by computed similarly to the calculation for the
ground state of a quantum mechanical dipole in an electric field [104]. This was first noted by Marko and
Siggia in 1995 and an outline to the path integral procedure has been previously presented in a review [17].
The interpolation formula for this model has successfully been used to describe the unfolding of DNA by
Marko and Siggia and Bustamente et al. and is given in Equation 17 [104, 105].
F (x) =
kBT
p
[
1
4
(
1−
x
Lc
)−2
−
1
4
+
x
Lc
]
(17)
The force (F) is measured as a function of extension (x). The WLC can also be used to calculate the
∆Lc between protein domains in a polyprotein and this is typically is the change in length between the
folded and unfolded protein. The WLC model has been used extensively to fit force-extension curves from
forced protein unfolding [78, 79, 91, 106, 107]. Despite being able to describe the force-extension behaviour
of most biomolecules, such as the stretching of DNA[105], this model fails for large forces (Figure 16) where
over-stretching of the bonds within the polymer occurs[102]. Furthermore this model assumes that the per-
sistence length is independent of extension and is identical for the folded and unfolded protein. However,
it has been suggested that this is a crude estimation because the stiffness of a completely unfolding protein
domain would differ from that of a fully folded protein [108]. Some alternative models have attempted to
modify the WLC model to minimise the discrepancies between the model and the experimental data.
Figure 15: Schematic of a worm-like chain s where r(s) is the vector whose origin can be taken from any
point in space and describes the shape of the chain. The vector t is the unit tangent vector to the curve at
any point. The chain opposes the change in shape as an applied force F is applied to the ends.
6.3 Further developments in polymer elasticity models
Given the FJC and WLC models fail to describe the over-stretching of molecules at high force [102] there
has been considerable effort to develop new models of force versus extension behaviour. Here we highlight
some of these models which have particular relevance to protein unfolding. Beginning with developments
of the FJC model, Smith et al have developed the extended FJC model which includes the elasticity of
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Figure 16: Examples of the use of polymer elasticity models to fit to protein unfolding data from SMFS
force versus extension experiments. (A) the freely jointed chain (FJC) model is shown, with a Kuhn length
of 0.22 nm for the force extension curve of the polyprotein (pL)5. (B) The worm like chain (WLC) model is
shown, with a persistence length, p, of 0.39 nm for the same data, (pL)5. (C) A comparison of the model
fit to the data for one protein unfolding event in the polyprotein chain for the FJC (blue) and WLC (red)
models with an p of 0.4 nm and b ≈ 2p = 0.8nm.
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Model Associated formula Refs
Extended FJC model x = Lc
(
coth FbkBT −
kBT
Fb
) (
1 + FS
)
[109]
Heterogeneous FJC model x = NfLfs
(
coth
Fbf
kBT
− kBTFbf
)
+NuLus
(
coth FbukBT −
kBT
Fbu
)
[108]
Extended WLC model F (x) = kBTp
[
1
4
(
1− xLc +
F
κs
)−2
− 14 +
x
Lc
− Fκs
]
[110]
Exact solution to WLC model F (x) = kBTp
[
1
4
(
1− xLc
)−2
− 14 +
x
Lc
+
∑i≤7
i=2 αi
(
x
Lc
)i]
[102]
Thick chain model F = kBTa(1−x) tanh
(
k1x
3/2+k2x
2+k3x
3
1−x
)
[111]
k−11 = −0.28314 +
0.76441∆
a +
0.31858∆2
a2
k−12 = 0.15989−
0.50503∆
a −
0.20636∆2
a2
k−13 = −0.34984 +
1.23330∆
a +
0.58697∆2
a2
Freely rotating chain model xLc = 1−
(
FWLC(Fb/kBT )
−1 +
(
cFb
kBT
)β) 1−1/β
+ fλ [112]
the segments in the polymer chain [109]. Su et al. have developed the heterogeneous FJC model which
incorporates the difference in stiffness between the folded and unfolded protein chain [108]. In this model,
the FJC model is extended to be the sum of the contribution of the number of folded and unfolded domains
in a polyprotein. The chain is modelled as a heterogeneous FJC with two possible values of Kuhn length and
contour length representing its folded and unfolded configurations. The authors obtained analytical solutions
for the force–extension response of the polyprotein for different types of loading conditions and and fit the
analytical solutions to constant-velocity data for the protein ubiquitin. Extensions have also been made to
the classical formula for the WLC model. The work by Wang et al. (1997) incorporates a stretching term
in the WLC model[110, 113] to create the WLC model with segment elasticity (or extendable WLC model).
In this model the ratio of extension to contour length, x/Lc, is replaced by x/Lc + F/κs, where κs is the
extension modulus of the protein. Bouchiat et al. (1999) have incorporated additional terms to the WLC
model [102]. By determining an exact solution to the WLC model and adding correction terms, they were
able to eliminate discrepancies. This method was successfully implemented to reduce the errors between the
experimental data for DNA stretching and the model. Models have also attempted to incorporate informa-
tion about the 3D structure of a protein. One example is the thick chain model [111] which is used to infer
information about the width of the chain in force-extension relationships. In a study by Thirumalai et al. a
unified theory was developed to account for the high force entropic elasticity of biopolymers solely in terms
of the persistence length and the monomer spacing[114]. This allows biopolymers to be treated as FJCs in
one force regime and WLCs in another force regime. This approach is attractive as, by probing the response
of biopolymers over a wide range of forces, the force dependent elasticity can be fully described.
7 Probing the effect of force on the kinetic and thermodynamic
protein unfolding process
7.1 Dependence of the unfolding force on the loading rate
The force at which an protein unfolds depends on the loading rate used in the SMFS experiment.
r =
dF
dt
= kcv (18)
where kc is the spring constant and v is the pulling speed. Given that forced unfolding of a protein occurs
under the influence of two forces, mechanical and thermal forces, different pulling speeds reflect different
time windows during which thermal forces can act under application of mechanical force. At high pulling
speeds thermal forces have less time to act, resulting in a higher measured FU (Figure 18). By performing
force-extension SMFS experiments on the same construct at different velocities, the pulling speed dependence
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can be obtained (Figure 18). The range of pulling speeds used in SMFS experiments vary in the range of
a few nm/s to ∼ 10 µm/s. The lower limit is due to the large mechanical loop of the AFM apparatus,
which makes thermal drift the limiting factor. At high pulling speeds viscous drag becomes a problem
[115–118]. At speeds above 10 µm/s, the speed-dependent hydrodynamic drag force acting on a cantilever
is of the same magnitude as the unfolding force measured on single biological molecules [116]. However the
use of short, low-noise cantilevers and optimised design of the piezoelectric positioner can reduce this effect.
Recently a high speed AFM has been developed to unfold proteins at velocities of ∼ 4 mm/s [119]. This
was achieved by using short cantilevers with small viscous damping (0.035 pN µm−1 s−1) and the use of a
miniature piezoelectric actuator. This development is significant because it now allows SMFS experiments
to be completed at velocities which are equivalent to those probed in molecular dynamics simulations which
offer atomic-level descriptions of the forced unfolding. In the pulling speed dependence plot in Figure 18 the
schematic shows a linear dependence of the FU with the natural logarithm of the velocity. Can we extrapolate
this behaviour to higher and lower pulling velocities? Experimental data, including those from the recent
fast-AFM study mentioned above, and theoretical studies suggest this may not be the case[119–121]. For
example, in the high pulling speeds achieved using the fast-AFM a deviation from linear behaviour was
observed at high pulling speeds [119]. Earlier SMFS experiments on the protein filamin, probed unfolding
at low speeds found a deviation from linear behaviour in the FU versus speed dependence[120]. The study
proposed that the deviation could only be explained by a switch between parallel unfolding pathways and
suggested that mechanical unfolding kinetics needs to account for the multidimensionality of the free-energy
landscapes of proteins, which are crucial for understanding the behavior of proteins under the small forces
experienced in vivo. In another study, the choice of the one-dimensional reaction coordinate probed in SMFS
has been questioned due to the multidimensionality of protein energy landscapes[122]. It has been suggested
that more information could be obtained about the multidimensional energy landscape from analysing the
dynamical fluctuations of proteins using simulations and single molecule techniques [122].
Figure 17: Recent development of a high speed AFM for SMFS force spectroscopy (A) The high speed AFM
setup. An objective focuses the beam of the super luminescent light-emitting diode (SLED) and collects the
light reflected by the cantilever, finally detected by a segmented photodiode. Titin I27 (concatemers of eight
domains) are immobilized on a tilted gold-coated surface via C-terminal cysteines. They are pulled by their
N-terminal histidine tag with a nickel-coated tip at the end of a short cantilever. Tilting the sample surface
further reduces hydrodynamic forces. Top inset shows a titin I27 (also referred to as I91) domain (PDB ID:
1TIT) with relevant β strands coloured in blue (strand A), yellow (strand A’), green (strand B), and red
(strand G). Bottom inset shows a scanning electron micrograph of a short cantilever. (B) Force-extension
curves acquired at three different retraction velocities: 1, 100, and 1000 µm/s. The 1 µm/s curve is moving
average-filtered (red trace, 65-µs time window). Times to unfold a single I27 domain are indicated by arrows.
From [119]. Reprinted with permission from AAAS.
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Figure 18: (A) SMFS force extension experiments can be completed at different pulling speeds. (B) By
measuring the unfolding force of each force peak and creating an unfolding force histogram, the unfolding
force FU can be obtained for a particular pulling velocity. The higher the pulling velocity the higher the
value of FU. (C) Completing force versus extension experiments at a range of pulling velocities allow the FU
to be plotted as a function of the natural logarithm of the pulling velocity.
7.2 Kinetic parameters of protein mechanical unfolding
A number of models have been developed to relate the force response of proteins to the unfolding rate and
height of the barrier separating the folded and unfolded states of a protein [120, 123–125]. The Bell-Evans-
Richie model has been most extensively used to determine the free energy landscape of proteins using SMFS
protein unfolding data[78]. Other models have emerged which incorporate more detail, and can account
for the curvature that has been observed in the plot of force against the natural logarithm of the velocity
[67, 126]. We will present two of these models: the Friddle-De-Yoreo and Dudko-Hummer-Szabo models. A
comparison of the Bell-Evans-Richie, Friddle-De-Yoreo and Dudko-Hummer-Szabo models on protein bind-
ing forces has recently been performed[127]. In this study SMFS experiments measured the binding forces of
amyloid-β (1-41) peptides and compared three different theoretical models used to fit the experimental data.
Interestingly the results showed that the Friddle-De-Yoreo and Dudko-Hummer-Szabo models yielded sim-
ilar ∆G0TS to one another but differed significantly from the results obtained for the Bell-Evans-Richie model.
7.2.1 The Bell-Evans-Richie Model
Protein unfolding via a two-state process can be described by an energy barrier between the folded and
unfolded states of the protein. This 1D energy barrier is defined by the reaction coordinate studied, which
in an SMFS experiment is the end-to-end length of the protein. The Bell-Evans-Richie model is an empirical
model, which can be applied to data obtained from SMFS that describe the rate of unfolding of a biological
molecule under a mechanical force. The model originates from George Bell [123] who described the rate
of adhesion of cells to other cells or surfaces in the presence of hydrodynamic stress [123]. The kinetic
model for mechanical strength was first derived by Zhurkov who applied the same principles to solids under
mechanical strength [128]. The Bell-Evans-Richie model suggests that the rate of unfolding, under applied
force, decreases exponentially with force. Evans and Richie [129] provided the theoretical framework to aid
in the understanding of this model for protein unfolding by deriving Equation 20 from Kramer’s reaction
rate theory for a protein in a deep harmonic well with high barriers and friction to unfolding [130]. Kramer’s
theory describes the mechanical unfolding as diffusion by Brownian motion over a 1D energy profile probed as
a function of extension of the protein. In the derivation provided by Evans and Richie, the prefactor contains
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information about the curvature of the energy well of the native and transition states and the friction along
the 1D reaction coordinate [131]. However, these parameters are difficult to determine experimentally and
therefore, it is typically assumed to be unperturbed by force.
kU (F ) = A exp
−(∆G0TS − FxU )
(kBT )
(19)
= kU exp
(FxU )
(kBT )
(20)
Where kU is the rate of unfolding, ∆G
0
TS is the height of the unperturbed free energy barrier opposing the
mechanical fracture (or activation energy to the transition state) and xU is the distance that separates the
native state of the protein and the transition barrier. The attempt frequency, A, is typically assumed to
be an arbitrary value which ranges from a fixed value of 106 – 109. Using the Bell-Evans-Richie model,
the kU and xU can be directly determined from the associated kU(F), the rate of unfolding under applied
force. The rate of unfolding is force dependent and the transition barrier height is perturbed by an amount
FxU . By applying a force across the protein, the energy barrier to the unfolded state decreases (Figure 19).
This increases the probability that the protein will unfold at a certain force. Using the Bell-Evans-Richie
model, the rate of unfolding can be related to the force applied. If it is assumed that the transition state and
native state on the 1D free energy profile are independent of force, then the activation barrier at any force
is given by ∆GTS(F ) = ∆G
0
TS − F × xU . Force therefore lowers the energy barrier by tilting the energy
landscape, (see Figure 19) assuming there is no change in the shape of the energy landscape [126]. The
largest contribution to the change in the kinetics under applied force is due to a change in the probability of
barrier crossing, therefore the change in shape and location of the transition barrier has been shown to be
insignificant provided the energy barriers are sharp [129]. In constant velocity experiments, the force applied
to the protein constantly changes as a function of time. This defines the loading rate of the protein which
probes the lifetime of the non-covalent interactions within proteins as the force is varied. The distribution
of unfolding forces, FU can be shown to be described by the probability distribution[131]:
P (FU ) =
kU (0)
R
exp
FUxU
kBT
exp
(
kU (0)kBT
RxU
[
1− exp
FUxU
kBT
])
(21)
This formula can be used to fit the distribution of unfolding forces observed in SMFS experiments. The
most probable force of unfolding can also be determined from the maximum of P(F) and is given by Equation
22[131]. This describes how the most probable force, FU*, is affected by the loading rate.
FU∗ =
kBT
xU
ln
RxU
kBT × kU
(22)
7.2.2 Monte Carlo simulations and the Bell-Evans-Richie model
Using the analytical solution in equation 22 it should, in principle, be possible to calculate the kinetic
parameters of protein unfolding, kU and xU. However, in the experiment the loading rate, Equation 18, varies
as the molecule is stretched because the stiffness of the molecule depends on the applied force. Therefore
Equation 22 cannot be used directly. Instead, kU and xU can be determined using Monte Carlo (MC)
simulations that mimic the stochastic nature of the thermally driven unfolding of the protein. In the MC
simulation, details of the experiment are input, including the average persistence length, average spring
constant, the linker length, the length of a single folded and unfolded protein and the temperature of the
experiment [90, 132]. The unfolding rate under an applied force, kU, is calculated using the Bell-Evans-Richie
model and then the probability of a single domain unfolding, PU, at a defined time step of ∆t is
PU = NkU (F )∆t (23)
where N is the number of folded domains in the polyprotein and kU(F) is the affect of force on the
unfolding rate. The simulation is performed for the full range of experimental pulling speeds (Figure 18C)
using different combinations of kU and xU. The simulations are used to generate force distributions for each
experimental pulling velocity, which can be compared to the experimental force distribution.
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Figure 19: Schematic showing the effect of mechanical force on the energy landscape of a protein. The free-
energy profile of a protein folding pathway leading from the native, folded state to its denatured, unfolded
state through a transition state at an unfolding rate kU; a simple two-state transition. The application of
an external force tilts the energy landscape and thus lowers the energy barrier to arrive at the unfolded
state, ∆GFTS. Accordingly, a sufficiently high force deforms the profile such that eventually the unfolded
state becomes more populated than the folded state.
7.2.3 Friddle-de-Yoreo model
A recent study challenged the assumption made by the Bell-Evans-Richie model that no reversible refolding
occurs during protein unfolding experiments[125]. In the Friddle-de-Yoreo model, a system of two bodies
being pulled apart passes through two phases, an equilibrium phase at lower pulling velocities where the
molecules can rebind, and a kinetic phase at higher loading rates where molecule unbind irreversibly. The
equilibrium phase is associated with a shallow slope and the kinetic phase with a steeper slope leading to
the nonlinearity observed in force-ln(rate) graphs. The model therefore accounts for the probability that
reversible binding or protein refolding can occur, particularly in the limit of lower rates. This model allows
both kinetic and thermodynamic information about the interactions occurring in the rupture event to be
accounted for. The force Feq, at which the phase changes from equilibrium to kinetic is given by:
Feq =
√
2kc∆G0U (24)
Feq is dependent of the cantilever spring constant, kc and the free energy of unfolding ∆G
0
U. In this
model both the rate of unfolding, kU and the rate of refolding kF are taken into account.
kU (F ) = kU exp
[
β
(
FxU −
1
2
kcx
2
U
)]
(25)
kF (F ) = kF exp
[
−β
kc
2
(
F
kc
− xU
)]
(26)
Where F is the unfolding force, xU is the distance between the unfolded state and the barrier to unfolding,
kU is the rate of unfolding at zero force and kF is the rate of refolding at zero force. exp (β∆G
0
U ) = kF /kU
is used to define the activation energy, ∆G0U. An approximation can be made for the unfolding force, FU(r)
by:
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〈FU (r)〉 = Feq +
kBT
xU
ln
(
1 +
Re−γ
kU (Feq)
kBT
xu
)
(27)
Where γ is Euler’s constant. This can be used to fit the force versus loading rate relationships. However,
it is challenging to accurately determine the loading rate for polyproteins. The loading rate depends on the
effective spring constant, which is a combination of the spring constant of the cantilever and protein. As
a protein unfolds the effective spring of the chain changes, as it is the summation of folded and unfolded
domains. Due to the stochastic nature of the number of unfolding events, the loading rate is not constant
between force-extension traces.
Figure 20: Schematics showing the dependence of the unfolding force on the loading rate (top), the depen-
dence of the unfolding force on the unfolding rate, kU(F) (middle), and the energy landscape (bottom) for
three models which can be applied to SMFS protein unfolding data (A) Bell-Evans-Richie[131] (B) Dudko-
Hummer-Szabo[124, 133] and (C) Friddle-De-Yoreo[125]
7.2.4 Dudko-Hummer-Szabo model
In the Dudko-Hummer-Szabo (DHS) model the Bell-Evans-Richie model is reduced to its approximate limit
using a stochastic model of a spring, and uses Kramers theory of diffusion to determine kinetic constants[124,
133]. The DHS model allows for differences in the shape of the energy landscape to be determined. The Bell-
Evans-Richie model assumes that the unfolding force FU scales linearly with the loading rate (Figure 20A).
However, this assumption has be shown to be an oversimplification for some systems. The DHS model aims
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to account for the non-linearity in the data observed in the pulling speed dependence plots of mechanical
stability (Figure 20B). The theory behind the model was originally completed by Hummer and Szabo (2003)
[134]. In this model the lifetime of a bond is dependent on an arbitrary exponent which is responsible for
the shape of the energy landscape. Equation 28 [124, 133] gives the relationship between the change in free
energy ∆ G0TS, the distance between the unfolded and transition state, xU and the loading force, F. τ0 is the
lifetime of the bond at zero force.
τ(F ) = τ0
(
1−
aFxU
∆G0TS
)1− 1a
e
∆G0TS
[
1−
(
aFxU
∆G0
TS
) 1
a
]
(28)
The equation governing this relationship can be reduced to the widely utilised Bell-Evans-Richie’s model
with an arbitrary exponent, a=1. The loading rate during an experiment, for a single molecule, can be
approximated by R = kcv, however, when multiple proteins or molecular linkers are present the spring
constant must be modified. For the Bell-Evans-Richie model this is done by accounting for the change in
effective spring constant of the protein chain in Monte Carlo simulations. Dudko et al. (2008) showed that,
when molecular linkers are present, the rate needs to be corrected to Equation 29. Where p is the persistence
length, Lc is the contour length, kc is the cantilever spring constant, β = (kBT )
−1
and v is the pulling speed
of the experiment.
R(FU ) = v
[
1
kc
+
2βLcp (1 + βFUp)
3 + 5βFUp+ 8 (βFp)
5
2
]−1
(29)
The distribution of lifetimes, P(FU), is related to the lifetime by Equation 30.
P (FU ) =
exp
(
−
∫ FU
0
[r (FU ) τ (UF )] df
)
R (FU ) τ (FU )
(30)
Dudko et al. (2008) showed that this could be inverted to the lifetime by Equation 31.
τ(FU ) =
∫ ∞
FU
p(FU )df
[R (FU ) p (FU )]
(31)
This expression suggests that the distribution of the forces can readily describe the rate of unfolding of
the protein, by approximating the probability of the distribution as a Gaussian distribution the expression
can be approximated by Equation 32.
τ (FU ) =
[pi
2
(〈
F 2U
〉
− 〈FU 〉
2
)]1/2
/R (〈FU 〉) (32)
The force distributions from SMFS experiments can then be used to determine the lifetime of the bond
as a function of loading rate (Equation 32), which in turn can be fitted by Equation 28. This method has
the advantage of not requiring approximations of the shape of the energy landscape. However, in this form,
it cannot be used for multiple barriers to unfolding, where the barriers are codependent on the preceding
and following unfolding events. Zhang and Dudko (2013) have since developed this model so that it could
be used for such a system[135]. In this paper they describe a method for mapping the forces from multiple
unfolding events onto force dependent rates. This paper assumes that the free energy landscape has an
arbitrary number of barriers with metastable intermediates between the folded and unfolded state. The
population in the system that will move from state i to state j when the force changes by dF (or similarly
between time t and dt) is given by:
Pij |dF | = Pij(t)dt = kij(F (t))Ni(t)dt (33)
Where Ni(t) is the population of state i at time t and is dependent on the original population of this
state (Ni) and the number that transitioned to state i from/to the m
th state. kij(F) is the force dependent
rate of moving between the two states. This led the authors to the following relationship:
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kij(F ) =
∣∣∣F˙ (F )∣∣∣
i
Pij
Ni(F )
(34)
Ni(F ) = Ni(F (t)) = N
0
i −
∑
m
∫ t
0
Pim(t
′)dt′ +
∑
m
∫ t
0
Pmi(t
′)dt′ (35)
Equations 34 and 35 can be used to map the experimental force to force dependent loading rates. Where
Pim is the population that moved between i to m and Pmi is the population that moved between m to i state.
Pij(F ) = nbin/wbin where nbin is the number of counts in a bin and wbin is the width of each bin.
∣∣∣F˙(F)∣∣∣
i
is
the loading rate in state i to correct for the constantly changing loading rate between systems. The loading
rate can be read directly from the force-extension profiles as the gradient of the force-time trajectory. There
are two methods for determining Ni(F): by counting the number of force trajectories in state i at force F
or by approximating it as the integrals in Equation 35 by the corresponding bins in the histogram. The
force-dependent rates for each unfolding event could then be fit by Equation 32.
Figure 21: Examples of alternative models to the Bell-Evans-Richie model being used on force-extension
data for proteins. For more information about the parameters obtained please refer to the refereed papers.
Data shown in A and B is for the peak unfolding force (A) and the initial unfolding event (B) for the I27
protein. At high speed the forces deviate from a linear response predicted for the Bell-Evans-Richie model.
In (A) a Hummer Szabo model [134] was used to extract the parameters and in (B) the Friddle-De-Yoreo
model was employed [125]. (C) The model free approach using the modified Jarzynski equality [136] has
been used to obtain the free energy profiles for a polyprotein containing 8 repeats of the I27 protein. At
low velocities (red and green) the energy profiles overlay well. At higher (blue) velocities the data begins to
deviate. (D) The Dudko-Hummer-Szabo model [124] was used to extract information about the underlying
energy landscape for the protein ddFLN4. (A) and (B) From [119]. Reprinted with permission from AAAS.
(C) Taken from [137] (D) Taken from [124] Copyright (2008) National Academy of Sciences, USA.
7.3 Thermodynamic parameters of protein mechanical unfolding
The methods described above use model-approximations to determine key features of landscapes. However,
these rely upon assumptions and approximations of the underlying energy landscape, therefore there is
much interest in developing and using model-free approaches[136, 138, 139] or by extracting free energy
data directly from force-extension curves [108, 140]. A number of methods, based on theories by Jarzynski
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[141] and Crooks [142], have been developed to determine the free energy differences from non-equilibrium
experiments such as SMFS. These methods will be discussed in this section.
7.3.1 Jarzynski equality
Jarzynski [141] showed that, if a system is perturbed from equilibrium over a defined reaction coordinate
by an external work, W, for a finite amount of time, then the free energy of the equilibrium state can be
inferred from a series of trajectories from this initial state over the reaction coordinate. That is, if a state is
driven from equilibrium the free energy of the initial state can be determined from:
exp
∆G0U
kBT
=
〈
exp
−βWλ
kBT
〉
N
(36)
where the averages 〈. . . 〉 are averages of the Boltzmann factor (exp −βWλkBT ) of the external work done on
the system taken from the trajectories, λ propagating from equilibrium with a time dependent Hamiltonian.
Each λ has a work Wλ associated with it. This is known as the Jarzynski equality and deals with changes
in the system state rather than molecular positions. This could therefore not be used directly for the data
obtained from SMFS experiments which monitors the change in position of a cantilever as a function of time.
Hummer and Szabo later expanded this work to generalise it for use in SMFS experiments for histograms
weighted by the non-equilibrium work [136, 143] and more recently using a Weierstrass transform [138].
Using this approach, a spring is attached to the biomolecule and its extension is followed as it is perturbed
by a constant velocity. The Hamiltonian is then:
H(x, t) = H0(x) + V [q(t), t] (37)
If the system is assumed to be a simple harmonic spring then V (z(x, t), t) = kc(z − vt)
2 Where z is the
distance between the cantilever and the surface, including the deflection of the cantilever. In such a system
the Jarzynski equality becomes:
exp (−β∆GU (q)) =
〈
δ[z − z(t)] exp−β(
∫
C
F (z, t)dz − V [z(0), 0])
〉
(38)
for initial points drawn from a Boltzmann distribution, where δ signifies the Dirac delta function. The∫
C
Fd(z, t)q is the integral of the force over the contour of the reaction coordinate q(t) and F (z, t) =
−∂(V (z, t))/∂z and the integral is performed along the contour of the trajectory (change in position with
time) from z(t=0) to z(t). The term V [z(0), 0] represents the potential of the initial state. This is the work
stored in the deflected cantilever at t=0 which can be determined by the zero-position of the cantilever far
from the surface. For the computation of the free energy, several force-extension or force-time trajectories are
required. The free energies can either be computed using a weighted histogram approach or by estimating
the work done at a certain extension as the area under force-extension traces [136, 143]. These approaches
are outlined in detail in references [136, 143–145]. This expression has been used to describe the free energy
profiles of short RNA segments [146] and DNA hairpins [147].
However, the results for protein unfolding experiments are varied. The free energies obtained from
Equation 38 should be independent of the pulling velocity used in experiments. For a number of experiments
on proteins, this has not been the case [148–150] although other studies [137, 151] yielded results independent
of velocities up to 1000 nm/s. It is hypothesised that these discrepancies result from the complexity of the
unfolded micro-states within the “folded” state of the protein [148]. In these systems, free energies were
computed in the limit of zero pulling velocity. This technique is also sensitive to the occurrences of rare
events far from equilibrium which increases the uncertainties associated with the computed free energies
[152].
7.3.2 Crooks fluctuation theorem
An alternative method to determine the unperturbed free energy landscape can be performed if the unfolding
and refolding trajectories of proteins are obtained. This uses Crook’s fluctuation theorem which describes the
symmetry of work fluctuations around forward and reverse cycles of a system driven far from equilibrium
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by an external work [142]. This determines the hysteresis between the irreversible work required for the
forward and reverse reactions. By performing repeated cycles of unfolding and refolding of a biomolecule
performed at the same velocity, the probability distributions of unfolding, pu(W) and refolding pf(W) can
be determined and related to the free energy by:
pU (W )
pf (−W )
= exp
(
W −∆G0U
kBT
)
(39)
Where the work can be approximated by the integral of force over the extension (i.e, W =
∫
Fdz or
W =
∑N
i=1 Fi∆zi, where N is the number of intervals used in the sum [153]). This states that the ratio
of the two probability distributions depends only on ∆G0U. At some W these two distributions will cross
and puW = pf−W . At this point W = ∆G
0
U independent of the pulling velocity. Whilst the ∆G
0
U
can be approximated by this relationship, it is more accurate to determine ∆G0U from the full probability
distributions. The slope from a plot of ln ( pU (W )pR(−W ) ) against W can then be used to obtain ∆G
0
U. This
relationship has been successfully used to reconstruct the free energy landscape of RNA [153] and polyproteins
[154] but is restricted to experiments that combine unfolding and refolding measurements.
8 Protein mechanical stability
8.1 Effect of unfolding history on measured protein mechanical stability
When each individual force corresponding to a single protein unfolding event is recorded (i.e, FU for peaks
1, 2, 3, 4, 5 in Figure 22 A) for a number of traces at a particular pulling velocity, a minimum is observed
in the graph of modal force against event number (Figure 22 B). Therefore the FU of a protein is dependent
on the number of folded and unfolded proteins in a polyprotein chain [155] or the “unfolding history” of
the polyprotein [155]. The minima in the forces occurs due to the competition between two effects. Firstly,
the number of protein domains that remain folded in the polyprotein chain and secondly, the compliance of
the polyprotein chain which depends on the cantilever spring constant and the polyprotein domain. Figure
22 (B) illustrates these effects which individually influence the loading rate applied to each folded protein
domain in different ways[155, 156]. As the number of unfolded domains increases, the probability of a protein
unfolding at a given force decreases. This suggests that the unfolding force would increase with event number.
However, as more protein domains unfold, the length, and therefore, compliance of the chain increases. The
increase in compliance decreases the effective spring constant of the polyprotein and therefore decreases the
force required to unfold a protein domain.
8.2 Relationship between protein structure and mechanical stability
Over the past two decades, the force versus extension behaviour of a large number of proteins have been
studied using SMFS and their mechanical stability FU obtained. These studies have demonstrated that
proteins can broadly be ranked according to their secondary structure content and arrangement – where
mostly α-helical proteins are mechanically weaker (low FU) than those predominantly composed of β-sheet
structures (higher FU). A recent comprehensive list of proteins and relevant references can be found in
[78]. A selection of proteins and their measured FU are listed in Table 1. It can be seen that while some
proteins, such as I27 (the 27th immunoglobulin-like domain of titin) is able to withstand forces of above
200 pN, other proteins, such as calmodulin unfold at forces below the measurable limit of an AFM which
is ∼ 15 pN [8, 157]. Of the proteins studied to date, the most mechanically stable proteins are those from
the all-β SCOP class, followed by α/β structures and the most mechanically labile proteins having all-α
structure[82, 132, 158]. This appears to be a general trend across all proteins that have been mechanically
characterised, when the N- and C-termini are aligned with the direction of the applied force.
8.3 Importance of the direction of the applied force
Despite the general trend suggesting secondary structural elements are a key determinant of protein mechan-
ical stability, it alone cannot explain the broad range of force responses observed for proteins with similar
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Figure 22: A force extension trace containing the unfolding events for an entire polyprotein containing five I27
domains. A single unfolding event within the polyprotein is numbered 1 to 5, known as the unfolding event
number, and the detachment of the polyprotein from the tip or surface is labelled as D. Here 1 indicates the
first unfolding protein event observed and 5 corresponds to the fifth or last unfolding event observed for the
polyprotein. The schematic in the inset illustrates how the unfolding force changes with event number due
to two competing effects. As protein domains unfold within the polyprotein, the number of folded domains
decreases, this decreases the probability of observing an unfolding event at a given force and therefore acts
to increase the observed unfolding force (grey linear line). As more protein domains unfold within the
polyprotein, the compliance of the chain also increases. This acts to decrease the unfolding force of the chain
due to a decrease in the effective spring constant of the chain (pink linear line). The competition between
the two different effects causes a nonlinear relationship between the unfolding force and event number. This
is known as the unfolding history effect on the unfolding force.
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Table 1: Values, at a given velocity, for the maximum force a protein can withstand before unfolding. The
type of structure was obtained from a search of the SCOP class of the protein.
Protein FU/pN (Velocity/nm/s) Protein fold (SCOP) Reference
I27 204 (400–600) all β [79]
I27 (C47S C63S) 172 (600) all β [132]
I1 127 (400-600) all β [159]
1FNIII 220 (600) all β [160]
10FNIII 74 (600) all β [160]
13FNIII 89 (600) all β [160]
C2A 60 (600) all β [82]
C2B 100 (500) all β [161]
E2Lip3 15 (700) all β [162]
TmCSP 78 (400) all β [78]
Barnase 70 (100-500) α/β [89]
Protein L 152 (700) α/β [132]
GB1 184 (400) α/β [163]
Barstar <50 (400) α/β [164]
Top7 150 (400) α/β [164]
Ubiquitin 203 (300) α/β [165]
AcP ∼ 60 (600) α/β [166]
Spectrin ∼50 (80-800) all α [167]
Calmodulin <15 pN (600) all α [82]
structures. For example, the β-sheet containing protein TNfn3 unfolds at a force of 120 pN at 600 nm/s
[168, 169] which is significantly lower than the unfolding force for the structurally similar protein I27 [92].
Early SMFS experimental studies [82] and theoretical studies [170, 171] have suggested that the number
and geometry of hydrogen bonds, with respect to the applied force, could explain the differences between
structurally similar proteins. However, it was challenging to directly determine the effect of hydrogen bond
geometry in different proteins due to differences in protein sequences and stabilities [162]. This problem was
circumvented in two studies published in 2003. In the study by Carrion-Vazquez et al., the protein ubiquitin
was unfolded using two different pulling geometries: by pulling the protein between the N- and C-termini, or
in a different direction, between an exposed lysine (lys48) and the C-terminus [165]. The ubiquitin domains
pulled between the two termini had unfolding forces more than twice the magnitude of domains pulled in
a different direction [165]. The differences in forces were attributed to the direction of the hydrogen bonds
with respect the applied force vector. This sensitivity to hydrogen bond geometry was also observed in the
study by Brockwell et al. on the protein E2lip3 [162]. In this study the protein was immobilised on a surface
at one of two positions, enabling hydrogen bonds to be either “peeled” or “sheared” apart. In the peeling
geometry, the hydrogen bonds are parallel to the direction of the applied force. In the shearing geometry the
hydrogen bonds are perpendicular to the direction of the applied force (Figure:23). Whilst a large unfolding
force (177 pN at 700 nm/s) was observed for the protein with the shearing geometry, no force unfolding peak
was observed for the protein in the peeling geometry [162]. This suggested the protein unfolded at a much
lower force, below the noise of the instrument, and was as a consequence of the hydrogen bond geometry.
Since those early studies, a number of experimental [172–177] and theoretical [178–182], studies have been
performed to determine the importance of pulling geometry on protein mechanical stability. For example,
the pulling geometry has been controlled by circular permutations2 to protein structures and by engineering
exposed pairs of cysteine residues. The force response of the green fluorescence protein, GFP, was determined
by applying force across five pairs of cysteine residues [172]. A diagram illustrating these results is shown in
Figure 23 [172]. A large range of forces were observed between the different unfolding geometries, ranging
from ∼ 100 pN for the least stable geometry and ∼ 600 pN for the most stable geometry [172]. Circular
permutations on the protein DHFR resulted in a decrease of ∼ 56 pN in the unfolding force compared with the
2A circular permutation results in an identical topology, but a different location of the N- and C- termini. This causes the
secondary structure elements to unfold in an alternative order.
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Figure 23: Illustration of the different pulling geometries of hydrogen bonded β-strands on the application
of an unfolding force using SMFS. (A) Top: The “peeling” geometry where the force is applied parallel to
the hydrogen bond geometry. Here the force (red arrows) is applied to the N- and C- termini of the protein
such that the hydrogen bonds are broken sequentially. Bottom: The “sheer” geometry the application force
perpendicular to the the hydrogen bond geometry causes the hydrogen bonds to be broken simultaneously.
(B) The importance of the direction of the applied force on the mechanical stability of the green fluorescence
protein, GFP, was determined by applying force across five pairs of cysteine residues [172]. Figure and values
adapted from H. Dietz, F. Berkemeier, M. Bertz, and M. Rief, Anisotropic deformation response of single
protein molecules, PNAS, 103 (34) 12724-12728. Copyright 2006 National Academy of Sciences, USA.
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wild type protein [183]. Alternative unfolding pathways have also been observed by manipulating the pulling
geometry of a protein [184]. These studies have identified key structural motifs involving hydrogen bonds that
are responsible for the unfolding pathway and therefore force response of the protein. Different regions that
can withstand mechanical force have also been identified for membrane proteins. Whereas globular proteins
typically have a single rupture event associated with their mechanical unfolding, several mechanical barriers
can exist for a single membrane protein resulting in many unfolding peaks in force-extension traces which
can be related to specific structural regions, held together by hydrogen bonds and other interactions, within
the protein [140] as well as the role of the membrane in biasing the folding pathway [185, 186]. Furthermore
it has been shown that binding of ligands to proteins can alter the position of these mechanical barriers
along the protein [187]. More recently, AFM and steered molecular dynamics (SMD) simulations have been
combined to reveal force propagation pathways through a mechanically ultrastable multidomain cellulosome
protein complex [188]. In this study a new combination of network-based correlation analysis supported by
AFM directional pulling experiments was employed, which allowed visualisation of stiff paths through the
protein complex along which force is transmitted. The results implicate specific force-propagation routes
nonparallel to the pulling axis that are advantageous for achieving high dissociation forces.
8.4 Mechanical clamps motifs in proteins
The importance of the arrangement of the secondary structure in relation to the direction of the pulling
force has now been demonstrated for a number of proteins, where for example the shearing apart of two
β-strands requires a greater force than “un-zipping” them sequentially. An early molecular dynamics study
on the I27 protein identified a ‘mechanical clamp’ region within the secondary structure which involved two
neighbouring beta-strands [189, 190] (Figure 24A). A mechanical clamp is defined as a structural region in a
protein that is responsible for the enhanced resistance to stretching. This element therefore confers mechan-
ical robustness and provides the rate-limiting step for the unfolding of a protein [191–193]. In the case of the
I27 protein[189], the force bearing region was identified as a cluster of six hydrogen bonds and, for the protein
to unfold, simultaneous rupturing of these hydrogen bonds was required (Figure 24B). The existence of this
mechanical clamp was experimentally verified in 2000 by Li et al. who mutated residues identified in the
mechanical clamp region[194] (Figure 24C). Since then other mechanical regions in other proteins have been
identified experimentally [8, 78, 132, 195, 196]. A computational study by Lu et al. (1999) compared the
unfolding of 10 proteins containing a similar number of amino acids but with different secondary structures
[170]. Using SMD, a constant velocity was applied to the ends of the proteins and the force response was
monitored. This study found that elongation of proteins containing β-sheets resulted in a force peak which
corresponded to the breaking of hydrogen bonds in the backbone of the protein. For proteins containing
α-helices, there were no inter-strand hydrogen bonds to break in this structure and the protein unfolded
readily with no force response. This suggested the hydrogen bonds connecting the β-strands in a β-sheet
conformation provide more stability than hydrophobic contacts between α-helical proteins. More recently, a
simple elastic model has also been used to describe this general trend between unfolding force and type of
secondary structure [197]. An extensive, systematic theoretical study of protein secondary structures from
the PDB permitted the identification of a number of mechanical clamp motifs [192, 193] (Figure 25). These
motifs were defined according to the hydrogen bond arrangements between secondary structure elements
within the protein, and have since been found to occur in many proteins across all branches of life.
8.5 Protein engineering to tune mechanical stability
Mutational studies through protein engineering have provided powerful tools to decipher the contribution of
specific non-colvalent interactions on protein mechanical stability. These studies have illustrated the impor-
tance of hydrogen bonded regions within proteins[194], identified intermediates in the unfolding pathways
[206], highlighted the importance of hydrophobic interactions [90, 195] and identified multiple unfolding
pathways within proteins[207]. As described above, hydrogen bonded motifs in the mechanical clamp region
of a protein are important in determining protein mechanical stability. Mutations of amino acids within
this mechanical clamp region of proteins have been shown to alter the mechanical stability of proteins
[90, 194, 195, 206]. For example, the mechanical stability of the I27 protein was severely destabilised by
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Figure 24: (A) A molecular dynamics study on the I27 protein identified a ‘mechanical clamp’ region within
the secondary structure which involved two neighbouring β-strands A’ and G. The force bearing region
was identified as a cluster of six hydrogen bonds and, for the protein to unfold, simultaneous rupturing of
these hydrogen bonds was required [189, 190]. Molecular dynamics simulations highlighted the importance
of water molecules in the breaking and reformation of hydrogen bonds in the mechanical clamp region of
the I27 protein. (C) Mechanical clamp motifs have been investigated through mutating residues identified
in the mechanical clamp region. (B) Reprinted from Biophysical Journal, 79, H. Lu and K. Schulten.,
The key event in force-induced unfolding of titin’s immunoglobulin domains., 5165, Copyright 2000., with
permission from Elsevier.(C) Reprinted by permission from Macmillan Publishers Ltd: Nature Structural
Biology, [194],copyright 2000.
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Figure 25: Figure showing tertiary structures containing α-helices and β-strands for 6 different proteins that
have been mechanically characterised. The structures depicted were created using the software PyMOL [198].
The force is applied between the two termini of the protein indicated by the red dots. Each of these protein
contain a mechanical clamp region, which is the force bearing region within the protein. The mechanical
clamp patterns are shown to the left of the protein and satisfy patterns of mechanical clamps defined by
Sikora et al. [192, 193]. Structures were obtained from the PDB database [199] and the references are as
follows: 1TIT [200], 1HZ6 [201], 1ANU [202], 1G6P [203], 1AJ3 [204] and 1BNR [205].
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mutations of hydrogen bonded amino acids within the mechanical clamp but not altered significantly by
changes to the protein hydrophobic core [208]. Conversely, the hydrophobic core has been shown to play a
key role in the mechanical stability of two other proteins, protein L and GB1[90, 195]. Mutational studies
combined with SMFS identified a “mechanical rheostat” in the core of protein L [90]. A mutation of a single
residue resulted in a 36 pN decrease in unfolding force compared with the wild type protein, despite no
change in the thermodynamic stability of the protein[90]. Two other single mutations were performed on
protein L, these mutations were hypothesised to increase the hydrophobic core packing. Whilst one mutation
increased the unfolding force by 13 pN, the other mutation increased the force by 72 pN at a single velocity
[90]. This increase in force was coupled with an increase in the thermodynamic stability of the protein. The
importance of hydrophobic core packing on the mechanical unfolding force of GB1 has also been shown by
mutations [195]. Protein GB1 is structurally similar to protein L. A series of mutations to this protein iden-
tified three mutations that caused a significant decrease in unfolding force. These mutations were positioned
in the mechanical shearing region between two structural motifs containing hydrophobic contacts. These
amino acids were hypothesised to provide stabilising hydrophobic interactions and mutating these residues
disrupts the contacts between the shearing region [195].
8.6 Role of solvent interactions on protein mechanical stability
The solvent environment is important for the structure and dynamics of proteins [209–212]. In recent years
there have been a large number of studies to understand the role of osmolytes on protein mechanical stability.
Osmolytes are small organic molecules that can shift the equilibrium between the folded and unfolded states
of a protein [213]. So called protecting osmolytes, such as glycerol, sorbitol and sucrose, push the equilibrium
towards the folded state of the protein. Denaturing osmolytes such as guanidine hydrochloride (GdnHCl) and
urea shift the equilibrium to the unfolded state of the protein. SMFS studies have been performed in solvent
environments containing a number of different osmolytes [214–216]. For example, glycerol has been shown to
increase the mechanical stability of the protein GB1 [216], while denaturing osmolytes such as GdnHCl and
urea have been found to decrease the mechanical stability of proteins[215, 217]. The mechanical properties of
a protein can be tuned by a change in pH or ionic strength of a buffer [81, 81, 218]. Electrostatic interactions
within a protein can be affected by changes in the environment. Tuning the pH of a solvent has been shown
to “switch-on” or “switch-off” electrostatic attractions and repulsions within a protein [81]. Furthermore,
these electrostatic interactions can be screened by the introduction of salt [81, 219]. More recently, SMFS
has also been used to mechanically probe a protein in a nonpolar environment [220]. Moving the protein
from a water-based solvent to an organic nonpolar solvent octyl benzene, resulted in the loss of mechanical
stability of the protein. This was proposed as being equivalent to unfolding the protein in a high (6 M)
concentration of GdnHCl and therefore suggested that the mechanical resistance of the protein was lost due
to the loss of the tertiary structure of the protein[220].
8.7 Temperature softening of protein mechanical properties
Mechanical flexibility is important for the function of many proteins. SMFS has been employed to measured
the stiffness of single proteins as a function of temperature. In an early study by Rief et al. SMFS experiments
were completed on a single domain of Dictyostelium discoideum filamin (ddFLN4) in a temperature range
from 5°C to 37 °C[221]. Force extension experiments were completed and the pulling speed dependence of
the FU was used in combination with the Bell-Evan-Richie model to determine parameters which described
the unfolding energy landscape: the transition barrier heights (∆G0TS) and position (xU). This study found a
narrowing of unfolding force distributions with increasing temperature, and an increase in the xU from 2.7 A
to 7.8 A. From the unfolding energy landscape parameters it is possible to estimate the spring constant of the
protein along the direction of pulling. Assuming a parabolic function for the free energy G(x) = 0.5DxU ,
where D is the spring constant, they measured a reduction of the spring constant by a factor of 7 upon
heating across this temperature range. The study suggested this temperature softening reflected a shift
in the nature of the interactions responsible for mechanical stability from hydrogen bonds to hydrophobic
interactions. The effect of temperature on the mechanical stability of the I27 has also been determined
using SMFS. Again, the unfolding force distributions were found to narrow significantly as the temperature
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increased, suggesting that the xU between the folded and transition states in the energy landscape along the
pulling direction is increased. This temperature softening has more recently been observed in a cold shock
protein from the hyperthermophilic organism Thermatoga Maritima [91].
8.8 Measuring energy landscape roughness of proteins using mechanical un-
folding experiments
An alternative explanation for the effects of temperature noted above are that SMFS experiments of protein
unfolding can be used to extract information about disorder and roughness, η of the underlying energy
landscape[121, 222, 223]. Length-scale dependent ruggedness in the free energy landscape of a protein arises
due to topological frustration[223]. For a protein which (un)folds in a two-state manner, the roughness is
thought to arise from the presence of multiple energetic interactions, and is likely to be small. Although no
direct measurement of η has been made for biomolecules, it has been inferred by using a diffusion limited
time scale for loop closure in model peptides, that η/kBT ≈ 2 [224]. If the unfolding energy barrier is
assumed to be temperature-independent, it is possible to calculate the roughness of the unfolding energy
landscape from the variation in xU with temperature[225]. This approach has been applied to measure the
η in a number of proteins, yielding values of η ∼ 4.4 kBT for the cold shock protein[91], η ∼ 4.0 kBT for
ddFLN4[221] and η ∼ 4.3 kBT for I27[226].
8.9 Mechanical Phi-value analysis probes mechanical unfolding transition state
Mutational analysis is a powerful tool that uses minimal perturbations of the system to interrogate the
molecular origin of protein kinetic stability. A mechanical Φ-value analysis method allows a detailed ex-
amination of the structure of the transition state in a force unfolding reaction[227]. This is the mechanical
equivalent of the well-established thermodynamic analysis which is used to examine the effect of a mutation
based on the relative changes in the free energy of the native state, transition state and denatured state of a
protein[228]. The mechanical Φ-value is determined by comparing the effect of mutation on the transitions
state and measures the amount of native structure present around the mutated residue in the transition
state. This comparison enables information about the native contacts formed at the transition state upon
folding in the mutated protein to be obtained[227]. The mechanical Φ-value is given in equation 40 [227]
and is defined as the ratio of the change in free energy of activation for folding (∆∆G0TS), to the change in
equilibrium free energy (∆∆G0U).
Φ = 1−
∆∆G0TS
∆∆G0U
(40)
A value of 1 indicates that the protein is fully native at the transition state. A partial value in SMFS
experiments indicates partial structuring of the protein [227]. Φ-value analysis has been used to determine
the role of different amino acids on the transition state of the protein. Best et al. determined the regions
of the protein that were involved in the mechanical unfolding event in the protein I27 [227]. Furthermore,
the Φ-values obtained for the destabilising hydrophobic deletions in both Protein L and GB1 indicated that
certain mutated amino acids were only partially structured at the transition state [90, 195]. This sensitivity
of SMFS experiments to the structure of the single molecules at the transition state enables determination
of important interactions at the rate limiting step.
9 Towards design rules for predicting the mechanical properties
of proteins
9.1 Predicting the mechanical stability and malleability of proteins
SMFS can now accurately provide access to the mechanical properties of proteins. Is it possible to develop
design rules which can predict the mechanical properties of proteins? In a recent attempt to answer this
question, a review was completed of the available SMFS experimental data on protein unfolding. We un-
covered a number of empirical relationships between the measured mechanical stability of a protein and its
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malleability, which provided a set of equations that might be employed to estimate properties of previously
uncharacterised proteins. This provides a basic toolbox of correlations that permits the estimation of three
important parameters of a protein, the unfolding force at an unmeasured pulling speed, the distance to the
transition state and the unfolding rate at force zero (kU). This offers an attractive, high throughput tool for
identifying target proteins for desired applications where knowledge of the mechanical properties are required
in a timely and accurate manner without the need for time-intensive experiments. This reveals features such
as a correlation between the type of mechanical clamp in a protein and its mechanical properties[229]. For
example, the ∆xU and the unfolding force (Figure 26). Typically proteins with the SD1 mechanical clamp
motif, using the nomenclature of Cieplak et al [191–193], have a smaller xU and a larger range of unfolding
forces. This study demonstrates that similarities in the structural topologies of proteins results in similarities
in the mechanical unfolding energy landscapes. The relationship between the xU and F has been shown to
follow a power law suggesting proteins with a lower unfolding force have a higher xU (forces determined at
600 nm/s) [229]. These studies also reveal gaps in the explored space of mechanical properties of studied
proteins (Figure 26), which will be helpful for the selection of proteins for future force spectroscopy studies.
Recent studies on the α/β protein, the POTRA domain 2 of BamA from E. coli (EcPOTRA2), along with
examination of the mechanical properties of other previously characterised α/β proteins identified a clear
correlation between mechanical stability and malleability (Figure 27)[80]. These α/β proteins all share a
common structural feature of proximal terminal β-strands in parallel geometry. Such studies improve our
understanding of the relationship between structure and mechanical strength, increasing our ability to design
proteins with tailored mechanical properties.
Figure 26: Examples of mechanical clamp motifs which have been identified in proteins using the notation
developed by Sikora et al., including (S) shear, (SA) shear antiparallel, (Z) zipper, (SD1) shear disconnected
1, (SD2) shear disconnected 2, (SS) shear supported, (T) torsion, (D) shear delocalised. The relationship
between ∆xU and FU at a pulling speed of 600 nm s
−1 is shown along with a non–linear fit following a
power law fit. Figure taken from Reprinted with permission from [229]. Copyright 2013 American Chemical
Society.
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Figure 27: Mechanical stability of α/β proteins. (A) α/β proteins studied using SMFS for which a pulling
speed dependence of the mechanical stability has been obtained. Proteins are shown in ribbon representations
with β-strands as blue arrows and α-helices as green ribbons. The proteins are extended from their amino-
and carboxy-terminal ends (N and C). The relevant PDB accession code is shown for each protein. The
proteins are ordered by their unfolding force FU at 600 nm s
−1, with ubiquitin having the largest FU and
RNaseH the smallest FU. (B) Histograms show the percentage of α -helical (green) and β-sheet (blue) content
in each protein, calculated from the PDB structure. The proteins are again ordered by their unfolding force
FU at 600 nm s
−1. (C) Graph showing the unfolding force FU at a pulling speed of 600 nm
−1 and the
unfolding distance ∆xU for α/β proteins which have been experimentally unfolded at least at two different
speeds. Where required, the expected unfolding force at 600 nm s−1 was interpolated. The data can be
described by a bootstrapped, nonlinear fit following a power law with ∆xU = 45.0 ± 10.5/FU(R
2 = 0.86
± 0.01). Examination of the structure of the 12 α/β proteins reveals a subset of proteins (blue circles)
that possess a similar structural feature: directly connected, parallel alignment of the N- and C-terminal
β-strands. α/β proteins that lack this structural feature are shown as dark blue squares. (D) The number
of inter-residue contacts correlates with ∆xU (upper) and with kU (lower) for the six α/β proteins. Adapted
with permission from [80]. Copyright (2015) American Chemical Society.
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9.2 Predicting the critical rupture force of proteins
In SMFS we can measure the mechanical stability of proteins. Can we predict the mechanical response of
a protein to force? Recently a number of models have attempted to do just this. Given hydrogen bonds
play a key role in the mechanical stabilisation of proteins, a number of models have incorporated hydrogen
bonding propensity in an attempt to predict the mechanical stability of proteins, and to explain differences
in mechanical stability for different types of structure. For example, Gabovich et al. have developed a model
to explain the increase in stability exhibited by β–sheet proteins in comparison with α-helical proteins[197].
In the model, the β-sheet protein is modelled by a planar zig–zag, where each rod-like section is a tube of
equal length, b and sections are connected by hinges. The angle between each segment is α and is considered
to be equal. The formula used to calculate the critical force for unfolding of a β-sheet is given by:
F eqU = (pid
2
tubeE)/4
[
1− sin
(
α
2
)
sin
(
α
2
)
]
(41)
Where FeqU is the critical unfolding force at equilibrium (where the pulling velocity v = 0 nm/s and T =
0 K), (pid2tubeE)/4 is the effective cross section of the protein and d is the diameter of the tube. It must be
noted that the Young’s Modulus E is included in this model. The authors estimate it to be 0.2 GPa for I27
based on previous studies [230]. Interestingly, other work has shown that E can be determined from force-
extension curves [231, 232]. In one study, a model could be used to extract information from the force versus
extension curve and derive how the Young’s modulus changes as the extension of the protein increases [232].
The unfolding force for the β-sheet protein I27 obtained using this model was FeqU ∼ 300 pN, which is in the
same order of magnitude as the force seen in experiments but is determined at T = 0 K and v = 0 nm/s. The
study suggests this may be an overestimate of the FeqU . The authors partially attribute errors associated with
the force to the error in the value of E used in the study. In the same study, single α-helices are modelled as
mechanical springs. The spring is composed of coiled wire where the diameter of each of the n coils (pitch of
the spring) is D0 and the diameter of the wire composing the spring is dspring. Under a mechanical load, the
perpendicular plane to the coils makes an angle θ to the direction of the force and the current diameter of
the spring, D, depends on this angle. The length of the spring under load is L = piDn/ cos θ. As the protein
fully elongates D → dspring and θ will go from ∼ 0 to pi/2. The formula used to calculate the critical force
for unfolding of a α-helix is given by
F equ =
3piGd2spring
8 (D0/dspring)
(
(piD0/dspring)− 1
4 (D0/dspring)
2
+ 3
)
(42)
Where G is the shear modulus. For α-helical proteins, the Fequ varies with the determined (D0/dspring).
The Fequ , determined for helical proteins with 1<(D0/dspring) <0, was found to be between 2 – 3 pN. This
suggests that the forces for α-helical domains at small pulling speeds are just a few pN, suggesting they are
significantly more labile than the β-sheet proteins. This elastic theory is in agreement with experimental
results on mechanical denaturation of proteins. The advantages of these models are that there are just two
free parameters for both β-sheet and α-helical domains which can be estimated experimentally or from the
protein structure. However, due to the simplicity of the model, there are key downfalls with it: it does
not account for thermal fluctuations; the protein is assumed to be at 0 K and intermolecular bonds such
as hydrophobic interactions are not quantitatively included. Despite this, it successfully accounts for the
differences in mechanical properties of α-helical and all β structures of proteins.
9.3 Propagation of forces in proteins
In another recent study a ’crack propagation’ model was developed to describe the critical unfolding force,
Fbreak of β-sheet rich proteins[233, 235, 236]. The theory of crack propagation is based on the driving
force of the crack being governed by the total potential energy of the system, which in turn is governed by
the total elastic energy stored in the protein and the work done by external load on the protein. In the
study, a fracture was proposed to occur when the potential energy gained by an extension from a crack
balances the energy necessary to create a new surface. A crack in the context of this model is defined as
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Figure 28: (A) A model has been developed by Gabovich et al. to demonstrate the differences in forces
observed between proteins containing β-sheets and α-helices [197]. In this model the β-sheet is modelled
by a “zig–zag” (right). Each strand is modelled as a tube with diameter dtube with length b that make
an angle α with the adjoining strand. The α–helices are modelled as a spring formed of n turns of a wire
(right). The wire has a diameter dspring and the pitch of the turns in the coil have a diameter of D0. The
applied force makes an angle θ to the plane perpendicular to the coils. (B) Schematic of how fracture in
a hydrogen bond network is modelled to propagate due to an applied force on a double stranded system
[233]. Hydrogen bonds are formed between two strands which are perpendicular to the direction of applied
force (i) with a total length Lx which is assumed to tend to ∞. When rupture occurs (ii) the contour length
(λ) of the detached strand increases by λ. This causes a change in the free energy, A. (C)Principles behind
the modelling of an amino acid in a protein structure in the force-crack propagation simulation [234]. In
A the different atoms comprising a single amino acid are labelled and are disjointed for clarity. B shows
how the rigid units are constrained between two amino acids and C shows how steric repulsion is achieved
between parts of the protein. (D) An example of how the unfolding pathways mapped for barnase using the
crack propagation network (blue) and typical MD simulations (red) differ. (A) From F. Rico, L. Gonzalez,
I. Casuso, M. Puig-Vidal, and S. Scheuring. High-speed force spectroscopy unfolds titin at the velocity of
molecular dynamics simulations. Science, 342(6159):741–743, 2013. Reprinted with permission from AAAS.
(B) Adapted with permission from S. Keten and M. J. Buehler. Geometric confinement governs the rupture
strength of H–bond assemblies at a critical length scale. Nano Lett., 8(2):743–748. Copyright 2008 American
Chemical Society. (C) Reprinted from Biophysical Journal, 101/3, Graff, A. M. R. D., Shannon G., Farrell
D.W., Williams P. M. and Thorpe M. F., Protein unfolding under force: crack propagation in a network,
736–744, Copyright 2011, with permission from Elsevier.
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the breaking of hydrogen bonds within the structure of the protein. By coupling this idea with the force-
extension relationship for polymer elasticity, which has been widely used to describe protein unfolding, the
authors derived an expression for the critical unfolding force, Fbreak:
Fbreak = (kBT )/(4Lp)[(1− αcr)
−2 + 4αcr − 1] (43)
Where Lp is the persistence length of the chain, which is a measure of the flexibility of a chain and
can be determined experimentally, αcr is the critical ratio between the extension and the contour length for
rupture to occur. This parameter can be determined from the energy of a hydrogen bond and the length
over which a hydrogen bond acts. Using this model, it has also been shown that rupture of clusters of ∼ 3–4
hydrogen bonds are responsible for the mechanical properties of β-sheet structures which has implications
for the design principles behind biological materials [233].
10 Future Directions
10.1 Lessons from extreomophiles: SMFS studies of extreme-loving proteins
The non covalent forces that stabilize protein structures are still not fully understood[237]. Proteins from
extremophilic organisms provide excellent model systems to determine the origin of protein thermodynamic
and mechanical stability. Extremophiles are organisms which survive and thrive in extreme environments
and are classified on the basis of the particular extreme environmental condition in which they live. The
proteins from extremophilic single-celled organisms have received considerable attention as they are struc-
turally stable and functionally active under extreme physical and chemical conditions, including extremes of
temperature, salt, acid, and pressure, all of which have relevance in biotechnological research and industry.
Much valuable work has been done to understand the structural adaptations of proteins from extremophiles.
By comparing high-resolution structural data of homologous proteins from mesophilic and extremophilic or-
ganisms, a large degree of secondary structural similarity has been found, while differences in the sequences
of proteins often result in large variability in thermostability. Structural observations reveal a progressive
pattern of stabilisation of proteins from extremophilic organisms through multiple additional interactions at
solvent exposed, loop and interfacial regions. We have recently applied SMFS to manipulate proteins from
extremophilic organisms, to gain information about their stability, flexibility and their underlying energy
landscapes (Figure 29). Using SMFS force extension experiments we measured the mechanical stability of
the cold shock protein TmCsp from the hyperthermophilic organism Thermatoga maritima in the tempera-
ture range of 5 – 40 °C[213]. We showed that mechanical signature of TmCsp is maintained over the entire
temperature range and observed temperature-dependent changes in features of the unfolding energy land-
scape, by studying the pulling speed dependence of the unfolding force with temperature in combination with
Monte Carlo simulations. The main effect of temperature is seen in the distance between the native, folded
state of the protein and the unfolding transition state, ∆xU which was large and increased with increased
temperature, reflecting a reduction in the spring constant of the protein and an increase in the malleability
or deformability of the structure. This result was surprising because malleability within the native folded
basin is contrary to the hypothesis that proteins from hyperthermophiles should have rigid structures result-
ing from improved packing and increased numbers of ionic interactions. Instead, these experiments suggest
that enhanced malleability at higher temperatures may enable proteins from hyperthermophilic organisms
to maintain and easily reform their structure when exposed to denaturing high temperature conditions. This
approach, of examining proteins from extremophiles, lays the foundation for further studies to examine the
role of non covalent interactions in conferring protein stability and flexibility.
In a recent example, we demonstrated that a protein from a hyperthermophilic organism can be used
to determine the role of salt bridge interactions in determining protein stability [238]. SMFS experiments
showed that at ambient temperatures TmCsp is mechanically stronger yet, counter-intuitively, its native
state can withstand greater deformation before unfolding (i.e. it is mechanically soft) compared with the
mesophilic cold shock protein, BsCsp. MD simulations were used to identify the location and quantify the
population of salt bridges, and revealed that TmCsp contains a larger number of salt bridges than BsCsp.
To test the hypothesis that salt-bridges endow these mechanical properties on the TmCsp, a charged triple
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mutant (CTM) variant of BsCsp was made by grafting an ionic cluster from TmCsp into the BsCsp scaffold.
We showed that a grafted ionic cluster can increase the mechanical softness of a protein and speculate that
it could provide a mechanical recovery mechanism and that it may be a design feature applicable to other
proteins.
10.2 Folded protein-based biomaterials
As well as understanding the properties of proteins in isolation, there is now considerable interest in the use
of proteins as components in bionanomaterials with specific and desired functions. For example, elastomeric
proteins act as important functional units in biomechanical machinery. These proteins are being exploited
as building blocks for biological materials that exhibit attractive and bespoke mechanical properties, as
they possess the desired elasticity, mechanical strength and resilience required for these functional materials.
Recent studies have demonstrated examples of engineered elastomeric proteins with mechanical properties
that mimic and surpass those of natural elastomeric proteins, and have utilised natural elastomeric proteins
that are well-characterised on the nano-scale to engineer hydrogels with specific macro-scale mechanical
properties[240–243]. Central to these novel developments is the ability to measure the mechanical properties
of the building block, the protein. As the field of protein-based biomaterials expands, there is a need to
move towards predictive tools that can rationally identify proteins with desired material properties. Ideally,
it would be advantageous if a protein could be selected which has the required mechanical properties, for
example in terms of its mechanical stability and malleability.e. This would greatly expand the tool-kit of
protein ’parts’, given there are now over 100 000 protein structures in the PDB.
11 Conclusions
The ability to manipulate single protein molecules using SMFS and measure their force versus extension
behaviour has provided exciting opportunities to understand their mechanical properties. The field has
advanced, thanks to the development of instrumentation and the methods to analyse and interpret the
data[245–247]. SMFS is now embedded within the scientific community and is being exploited to probe a
diverse range of biological systems, including proteins, DNA, RNA and their complexes[67, 81, 85, 157, 248–
252]. While early experiments provided the first measurements of protein mechanical stability, further
experimental and theoretical studies have pin-pointed the molecular origin of this resilience. This has in-
cluded descriptions of hydrogen-bonded mechanical clamp motifs, the role of the solvent environment and
ligand binding. From this knowledge it is now possible to work towards a set of design rules or principles
that might be able to predict the mechanical properties of proteins. Such tools would be powerful for the
realisation of exploiting proteins as biological parts within more complex structures, in which their inherent
mechanical stability might provide a useful characteristic. This could include sophisticated biomaterials
with bespoke mechanical properties. Indeed, we might not be far from an experimental system in which the
mechanical properties of the protein building block can be fine-tuned such that the properties and function
of the biomaterial can be perfected.
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Figure 29: (A) An example AFM experimental force-extension trace showing the unfolding of a full polypro-
tein chain containing three TmCsp domains (red squares) and four I27 domains (yellow circles) at room
temperature, and a pulling speed of 600nms−1. The measured peak unfolding forces (FU) and inter-peak
distances xp for each unfolding event are recorded. B) Scatter plot of inter-peak distances and peak unfolding
forces for TmCsp and I27 from a single experiment at 600nms−1 at room temperature. The median FU and
xp values are plotted as symbols with black outlines. (C) Proteins from different variants of extremophile or-
ganisms, including psychrophilic, mesophilic and thermophilic, provide model systems with which to explore
the origin of protein stability and provide an opportunity to determine ’design rules’ for new proteins with
bespoke mechanical properties and stability. (D) Schematic depicting the energy funnel model of protein
folding for proteins from psychrophilic, mesophilic and thermophilic organisms [239]. The lowest free energy
state corresponds to the most stable, native, folded state of the protein. The higher energy states correspond
to random-coil and unfolded protein structures. Proteins from psychrophilic organisms are generally less sta-
ble than their mesophilic and thermophilic counterparts, meaning that it is easy for them to interchange
between different structures. This is an essential adaptation to enable them to function at lower tempera-
tures. The ruggedness of the bottom of the energy funnel depicts the energy barriers for inter-conversion
or structural fluctuations of the native state. Figures A and B are reprinted with permission from Journal
of Physical Chemistry B, 117(6): 1819-26 (2013). Copyright 2013 American Chemical Society. Figure D:
This research was originally published in Biochemical Society Transactions. K. M. Tych, T. Hoffmann, M.
Batchelor, M. L. Hughes, K. E. Kendrick, D. L. Walsh, M. Wilson, D. J. Brockwell, L. Dougan, Life in
extreme environments: single molecule force spectroscopy as a tool to explore proteins from extremophilic
organisms. Biochemical Society Transactions. 2015; Volume: 179-185 © the Biochemical Society.
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Figure 30: (A) Engineering elastomeric protein-based biomaterials via the bottom-up approach. (A)
Schematic of miniature-titin-like elastomeric protein GRG5RG4R. G represents GB1 domain and R rep-
resents resilin consensus sequence. Bottom: Force-extension curves of GRG5RG4R. The initial featureless
spacer corresponds to the stretching of unstructured resilin sequences, and the sawtooth peaks correspond
to the unfolding of GB1 domains. (B) A photograph of a hydrogel ring constructed from GRG5RG4R and
the schematic of the network structure. (C) Physical properties of hydrogel, (FL)8, made from a de novo
designed protein that assumes the classical ferredoxin-like fold structure reversibly tuned by GuHCL. In
PBS, the hydrogel is opaque and shows a negative swelling ratio. Upon soaking in 3M GuHCl, the hydrogel
changes to transparent and swells significantly. Figures (A) and (B) Reprinted with permission from ([244])
H. Li and Y. Cao, Protein Mechanics: From Single Molecules to Functional Biomaterials, Accounts of Chem.
Research, 43(10), 1331-1341, 2010. Copyright 2010 American Chemical Society. Figure (C) Reprinted by
permission from Macmillan Publishers Ltd: Nature Communications, ([242]), copyright 2013.
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